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We are at an era where we are beginning to understand the physical aspects

of protein folding. The energy landscape theory of protein folding explains why

protein-folding reactions are so rapid compared to random search. The high

friction limit of Kramers theory for diffusion-driven reactions best describes protein

folding kinetics. However, key biophysical questions remain, particularly in folding

dynamics at fast time scales. Why do some protein molecules fold so fast? What

physical parameters control the folding rates near the speed limit? We contributed

to understanding protein folding at fast time scales by developing and improving

techniques to probe submillisecond kinetics and by studying the fastest-folding

protein systems: tryptophan cage and the compact late-stage intermediate of

ferrocytochrome c.

We studied fast dynamics in protein folding by time-resolved fluorescence

and absorbance measurements. We fabricated and characterized a submillisecond

laminar-flow mixing device that allows UV-excitation and observation of kinetic

fluorescence changes in peptides with picomolar sample consumption. Together

xi



with equilibrium circular dichroism and fluorescence measurements, we used

temperature-jump data to characterize the two-state folding of the designed

miniprotein tryptophan cage. We have applied laser flash photolysis to the heme-

CO bond and used nanosecond-resolved transient absorption spectroscopy to look

at the fast M → N folding transitions in ferrocytochrome c. We are currently

developing experiments based on triplet-triplet energy transfer to do time-resolved

optical absorption measurements on reconfigurations of tryptophan-containing

proteins and peptides.

The miniprotein tryptophan cage folds in 4 microseconds and sets the condi-

tions for fast folding: a two-state reaction, a weak folding activation energy barrier,

a nearly optimized free energy landscape, and pre-organized structures in the un-

folded state. In ferrocytochrome c, the folding time from a compact configuration

is 12 microseconds in water. Analysis of the solvent viscosity-dependence of the

folding time using a model based on Kramers rate theory allowed us to identify two

limiting time scales in protein folding: the time scale for solvent-coupled reorga-

nizations and the time scale controlled by the internal friction within the protein

molecule.

xii



CHAPTER 1
GENERAL INTRODUCTION

1.1 Overview: The Protein-Folding Problem

The question of how protein molecules assemble into their distinct biologically

active forms is called the protein-folding problem. In the post-genomic era where

complete genomes have been sequenced, protein folding remains as one of the most

exciting problems in science, involving collaboration among the fundamental dis-

ciplines of physics, chemistry, biochemistry, and computer science. Understanding

how proteins fold has significant implications for the advancement of structural and

molecular biology, biochemistry, drug-design, and medicine.

The protein-folding problem addresses how proteins fold into a stable, distinct

structure from a seemingly random heteropolymer chain. Before further discussion,

four points about proteins should be made clear from the beginning:

Proteins are biomolecular machines. They are the major functional

components of all living cells. Enzymes are proteins that catalyze biological

reactions. Regulatory proteins control gene expression; and structural proteins form

the framework to which other proteins are attached. There are transfer proteins,

membrane proteins, transport proteins, and immunoproteins [1]. Without proteins,

there is no biology — life will not exist as we know it.

Proteins must adopt an essentially unique “native” structure in

order to function. Each specific protein has a distinct structure called a “fold”

or the “native” state. From a disordered chain of amino acids, proteins must reach

this structure in a biologically relevant time frame to perform a specific function in

the molecular processes of life. Proteins, therefore, need to fold in the correct way

in order to be biologically active. Protein misfolding or incorrect protein folding is

1
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recognized as a factor in major diseases like Alzheimer’s and Bovine Spongiform

Encephalopathy (BSE), commonly known as Mad Cow Disease [2].

Proteins are polymers. They are synthesized in the cell, from 20 molecular

building blocks called amino acids. Amino acids (listed in Appendix A) are joined

together by the peptide bond, forming a polypeptide chain. The polypeptide chain

has a covalent backbone consisting of one nitrogen atom, followed by two carbon

atoms, and so on: −N − Cα − C−. Bonded to the Cα is a amino acid side chain.

Each side chain is different for the 20 different amino acids. The number, position

and sequence of amino acids in the chain are encoded in the DNA. The human

genome alone encodes nearly 30,000 protein sequences [3].

The particular sequence of amino acids in the chain is called the primary

structure. When a protein molecule is unfolded, only the primary structure

remains intact. In a folded protein, cross connections are formed by hydrogen

bonds, disulfide bonds, and ionic salt bridges that allow secondary, tertiary,

and quaternary structures. Figure 1–1 shows the hierarchical nature of protein

structure. In general, hydrophobic amino-acid residues form the hydrophobic inner

core, while hydrophilic residues are solvent exposed.

Protein structures are encoded in the sequence. The three-dimensional

spatial structure of a protein is encoded in the one-dimensional sequence [5].

Therefore, most small water-soluble, globular proteins (≤ 300 amino acid residues)

can fold spontaneously in vitro to the native state given favorable conditions (the

right temperature, pH, solvent, etc.). Inside the cell, some proteins need the help

of molecular chaperones in order to fold to the native state, while other proteins

remain intrinsically unstructured until it comes into contact with the right partner

molecules.

There are two main aspects of the protein-folding problem. One is prediction

of the three-dimensional structure from the one-dimensional sequence. This relates
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A. Primary Structure

B. Secondary Structure C. Tertiary Structure

D. Quaternary Structure
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Figure 1–1: Protein structure is complex and is best-described by its hierarchy.
(A) Primary structure is the linear sequence of amino acids: the polypeptide chain
joined together by the peptide bond. When a protein is unfolded, the primary
structure remains intact. (B) Secondary structures are small hydrogen-bonded
structural units formed by amino acids close together in sequence: α-helix, β-sheet
and turns. (C) Tertiary structure defines the overall native fold of single-chain
proteins, including the spatial relationship of amino acids that are in contact in
the folded state but are far apart in sequence. Shown here are polypeptide back-
bone structures of folded chymotrypsin inhibitor 2 (CI2) and cytochrome c (Cyt
c). (D) Quaternary structures are structures of multi-domain proteins — several
folded chains forming one large functional network. Hemoglobin has 4 subunits
while lambda cro repressor has 2. The protein structures shown here are drawn
using Protein Explorer (MDLChime), from the structural coordinates reported in
the Protein Data Bank [4].
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to sequence homology and protein folds, protein function, protein engineering,

and drug design. The other is to understand the mechanism of the folding process

itself [6]. This approach focuses on how a very large molecule finds its native state

in a biologically relevant time scale without passing through countless structural

alternatives. Our study is concerned with the latter problem.

1.2 Physics and Protein Folding

Even small protein molecules, with lengths in the order of 100 amino acid

residues, are made up of ∼1000 atoms. Since proteins are synthesized as linear

heteropolymer chains, a purely random search through all possible conformations

would not allow folding to the native structure in a physiological time scale. In

fact, Levinthal [7] showed, in what has come to be known as the Levinthal paradox,

that a protein with 150 residues would have at least 1090 possible configurations.

Sampling all possible conformations at a rate of 1012 s−1 would require 1070 years,

∼ 60 orders of magnitude more than the entire lifetime of the universe. Neverthe-

less, proteins fold in minutes, in seconds, or in a small fraction of a second.

Physicists working on the protein-folding problem are interested in folding

time scales. One goal is to understand what makes this folding reaction so rapid

compared to random search. The observation that different proteins fold on a

variety of time scales (seconds to milliseconds to microseconds) inspires a lot of

questions: Why are some folding reactions faster than others? What controls

folding rates? Is there a folding speed limit?

We are interested in folding dynamics at fast time scales. We also wish to

understand the physical limits of the most rapid protein folding reactions. To be

able to do so entails looking at the fastest events in protein folding: identifying the

most elementary steps in protein folding, and studying the forces and processes

that lead to the native state. Thus, our main theme is the study of fast dynamics

in protein folding: to show that we are able to develop and improve on existing
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techniques of probing protein-folding dynamics at nanosecond-to-microsecond time

scales; and to relate experimental data to existing physical models of folding.

1.3 Scope of this Dissertation

We have conducted experimental studies to improve understanding of fast

events in protein folding. We have used rapid-mixing and laser-based optical

triggering to initiate and observe folding at fast time scales. We have characterized

two fast folding systems: the tryptophan cage miniprotein, one of the fastest

folding protein-like molecules measured to date, and the compact late-stage

intermediate of cytochrome c.

This dissertation presents three independent projects: (1) the development of

a laminar-flow capillary mixer for use in time-resolved fluorescence kinetic studies

of protein folding, (2) the characterization of two-state folding of tryptophan

cage using equilibrium circular dichroism and fluorescence studies together with

kinetic data from temperature-jump measurements and (3) the study of internal

friction in a compact metastable form of the heme protein cytochrome c using laser

flash photolysis and time-resolved optical absorption spectroscopy. We have also

described the extension of internal friction studies of other polypeptide and protein

systems using the triplet state of the natural amino acid tryptophan as probe.

The dissertation is therefore organized to present the independent projects in a

coherent manner. Following this general introduction, Chapter 2 presents a survey

of recent advances in the field of protein folding. Particular emphasis is given to

experimental techniques that probe fast (submillisecond) events in protein folding;

and to recent developments in theories and models that give physical understanding

of the rates of the protein-folding reactions.

Chapters 3, 4, and 5 are stand-alone chapters on the 3 independent projects

undertaken. Chapter 3 is on the fabrication of a laminar-flow mixer. Chapter 4 is

a case study on the tryptophan cage miniprotein. Chapter 5 discusses the limiting
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effect of protein internal friction on folding rates. Chapter 6 provides a summary

and general conclusions. Several appendices have also been provided to supplement

information on the subjects being discussed. Appendix A lists the protein building

blocks: the 20 amino acids and their properties. Appendix B discusses in greater

detail the numerical methods employed in Chapters 3 and 5. Lastly, Appendix C

describes the extension of time-resolved optical absorption experiments using the

triplet state of tryptophan.



CHAPTER 2
RECENT ADVANCES IN PROTEIN FOLDING

2.1 Historical Perspective

Christian B. Anfinsen [5] was awarded the Nobel Prize in Chemistry in 1972,

for showing that chemically denatured proteins refold in vitro to the native state

when brought into the correct folding conditions. Anfinsen and coworkers put forth

the governing principle in understanding how proteins fold. They showed that the

amino-acid sequence encodes the biologically active native state and this advanced

the thermodynamic hypothesis: The reversibility of folding to the native state

means that the folded native state is thermodynamically stable. Of all the available

structures, the native state has the minimum free energy.

Despite more than 30 years of work after Anfinsen’s, the protein-folding

problem continues to be one of the missing links in the flow of information between

the gene sequence and the three-dimensional structure of the protein [8]. Key

biophysical questions remain. Why is the folding time so fast compared to random

search? What are the forces that govern the folding speed? What is the speed limit

of protein folding? What is the complete molecular picture of the protein-folding

reaction?

However, the past decade has presented major advances in the field of protein

folding. A number of experimental techniques with very good time resolution

have been developed that allow observation of protein folding on the nanosecond

and microsecond time scales. New theoretical advances also illuminate the road

to understanding protein folding. The key is to combine results from different

experimental techniques and to clarify the earliest folding events [8, 9].

7
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The following sections review the fastest experimental techniques in probing

the protein-folding reaction, and the most recent theoretical advances in protein

folding.

2.2 Fast Techniques in Protein Folding

The development of fast experimental probes with microsecond to nanosecond

time resolution has opened the time window for observing and understanding

the fastest events in protein folding. The goal of all fast techniques is to initiate,

in a very short time frame, a strong thermodynamic perturbation to unfold or

refold a protein. The subsequent folding and unfolding kinetics can then be

observed spectroscopically. There are four ways to initiate fast folding or unfolding:

rapid mixing, photochemical triggering, temperature-jump, and pressure-jump

spectroscopies. There is no single method of choice in monitoring fast events in

protein folding. The various techniques complement each other and are necessary in

building a global understanding of the problem.

2.2.1 Rapid Mixing

In a mixing experiment, protein folding or unfolding is initiated by rapidly

changing the solvent properties. To fold a protein, a sudden shift from good solvent

to bad solvent must be achieved. (Throughout the text, we adopt polymer physics

terminology of “good solvent” and “bad solvent”. A good solvent, typically an

added chemical denaturant, unfolds or extends the polypeptide chain, while a bad

solvent folds or collapses the chain.) For example, an unfolded protein dissolved in

a high concentration of chemical denaturant will start to fold once the denaturant

concentration is lowered. Likewise, sudden increase or decrease of hydrogen ion

concentrations can lead to a rapid change in pH to one that favors the folded

state [10]. Rapid mixing provides the most robust way to perturb a protein

system. Mixing directly changes solution conditions, and almost any protein

can be unfolded in a solvent with high concentration of chemical denaturant [6].
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Commercial stopped-flow mixers are available with observation time window

beginning from the millisecond time regime, hence, folding events occurring before

1 ms are not observed. Therefore, the major drawback in mixing experiments

remains time resolution and sample consumption.

Continuous-flow mixers have been developed with microsecond time resolution

and with mixing dead times in the order of 50 µs. However, continuous-flow mixing

technology based on turbulent mixing still consumes vast quantities of sample. A

silicon-based laminar-flow mixer using hydrodynamic focusing to facilitate fast

mixing by diffusion has lower sample consumption [11]. Unfortunately, silicon

is opaque to far-UV-based fluorescence spectroscopy commonly used to monitor

protein folding. The development of a UV-transparent, laminar-flow microsecond

mixer is discussed in Chapter 3.

2.2.2 Photochemical Triggering

Laser-based triggers are naturally the fastest way to initiate protein folding.

In a photochemical triggering experiment, light pulses are used to trigger chemical

reactions. Photons from nanosecond-pulsed lasers can break specific bonds or

facilitate fast electron transfer that leads protein molecules to the native state [10].

The first fast-folding experiments used a nanosecond laser flash to photodissoci-

ate carbon monoxide (CO) from the heme of unfolded cytochrome c [12]. This

approach takes advantage of the fact that CO binds preferentially to the heme in

the unfolded state and prevents the protein from folding. When the CO is pho-

todissociated from the heme by a laser flash, the molecule is free to form native

or nonnative contacts, allowing observation and measurement of rates of initial

contact formations of transient species as the protein samples its conformational

space [12, 13]. Figure 2–1 illustrates photochemical triggering in cytochrome c and

in a designed polyalanine peptide [10].
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laser
flash

photolysis

folding

native
contact

nonnative
contactCO

laser
flash

photolysis

A.

B.

Figure 2–1: In a photochemical triggering experiment, photons from a laser flash
are used to initiate chemical reactions. (A) The CO bound to the heme of unfolded
cytochrome c is photodissociated by a laser flash. This allows observation of tran-
sient binding between native and nonnative contacts [14]. (B) A nonnative disulfide
bond forces the polyalanine peptide (far left) into a less ordered structure. Laser
flash photolysis of the disulfide bond initiates folding toward the native helical
structure [10].

The main advantage of using an optical trigger lies in opening a huge time

window for observation of protein reconfiguration and folding: from nanoseconds

to microseconds to seconds, a process that spans up to 10 orders of magnitude in

time [14]. However, most fast-folding studies using a photochemical trigger require

significant amounts of chemical denaturants [10]. In Chapter 5, we show that

optically-triggered folding from a compact state of cytochrome c can be studied

at very low denaturant concentrations. This is of interest because protein internal

friction effects dominate the folding rate when folding from a collapsed state.

Recently, photochemically-triggered fast dynamics experiments have been

extended from heme proteins to model peptide systems. As demonstrated in

Figure 2–1B, Volk and coworkers [10] used a laser flash to cleave a nonnative

disulfide link that forces helical peptides to form a nonnative conformation.
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Kiefhaber and coworkers [15, 16] used diffusion-controlled triplet-triplet energy

transfer from nonnative donor and acceptor molecules to look at the initial

rate of contact formation in peptides. Lapidus et al. [17] made use of naturally

occurring amino acids in contact formation experiments: the excited triplet state of

tryptophan is quenched by a cysteine residue. Quenching of the tryptophan triplet

state by cysteine, however, is not a diffusion-limited reaction [18]. Investigations of

tryptophan triplet quenching by naphthalene are discussed in Appendix C.

2.2.3 Temperature-Jump Spectroscopy

Proteins and peptides are stable only within a limited temperature range.

Therefore, another way to optically trigger fast folding or unfolding is to generate

a sudden temperature jump of 5 to 20◦C. Most temperature-jump spectrometers

use intense nanosecond laser pulses at a wavelength easily absorbed by water,

pulses from a Raman shifted 1064-nm Nd:YAG laser. The solution is heated

in a few nanoseconds by vibrational excitation of the O-H stretching overtone

of water [6]. Resistive heating with an electric discharge has also been used to

facilitate temperature change. Temperature-jump experiments using resistive

heating have a time resolution of in the order of 10 µs.

The laser-induced temperature jump is more generally applicable than a

photochemical trigger, because most proteins can be perturbed by a rapid tem-

perature change. The observation time window, however, is limited to the the

time range when the solution remains at an elevated temperature: nanoseconds

to milliseconds, or 3 to 4 orders of magnitude in time. Temperature-jump spec-

troscopy has been useful in the study of the helix-coil transition, collapse dynamics

of proteins and protein fragments, and the folding of peptides and small pro-

teins [19, 20, 21, 22]. The folding time of the Trp-cage miniprotein, the subject of

Chapter 4, was measured using a temperature-jump spectrometer.
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2.2.4 Pressure-Jump Spectroscopy

A rapid change in pressure also produces enough thermodynamic perturbation

to trigger protein folding and unfolding. Schmid and coworkers [23] use a stack

of piezoelectric crystals to apply 10 to 20 MPa of pressure to a 50 µL cold shock

protein solution in 50 to 100 µs. Folding dynamics can be observed from 70 µs to

70 s, an accessible time range of 6 orders of magnitude. For complete unfolding of

a protein, however, pressures greater than 1000 MPa are necessary. Pressure-jump

experiments require the sample to be close to a thermally or denaturant-induced

folding transition.

2.3 Theoretical Advances in Protein Folding

Folding to the native state involves complex molecular recognition with a

large number of weak non-covalent interactions involving thousands of atoms. The

complexity of the process makes it difficult to build a global theoretical framework

that spans both kinetics and energetics. The two most important theoretical

advances are discussed below: the application of Kramers reaction-rate theory

to protein-folding kinetics; and the description of the folding process in terms of

a multidimensional energy landscape. Recent phenomenological observation of

the correlation between a quantity called “contact order” and folding rate is also

presented. Fittingly, Chapter 2 ends with the yet-unanswered question of what are

the physical limits to speed of protein folding, an analysis of previous work, and

what lies ahead.

2.3.1 Application of Kramers Reaction Rate Theory to Protein Folding

Experiments show that most small, ∼ 100 amino acids in length, single-

domain proteins fold in a simple two-state process without detectable structural

intermediates. In this simplest case, there are only two states present in the

system: an experimentally indistinguishable ensemble of unfolded structures called

the unfolded state, U, and the native folded state, N. Folding proceeds through a
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cooperative transition

U
kf ,ku

 N. (2.1)

Time dependence is exponential [3, 24]; and kf and ku are folding and unfolding

rate constants, respectively.

The observation of cooperativity and exponential time-dependence leads to

the interpretation that a single free energy barrier is present along the reaction

coordinate; and to the application of reaction-rate theory to two-state protein

folding [25]. This is supported by theoretical simulations of lattice models [26].

Likewise, exponential or multi-exponential time dependence is observed for complex

multistate protein folding reactions, extending the interpretation to several energy

barriers along a more complex reaction coordinate [25].

Transition state theory. Conventional transition-state theory (TST)

remains the simplest and most common analysis applied to two-state folding. In

classical TST, the rate, k, of the folding reaction is given by

kTST = (kBT/h) exp(−∆Gu→‡/(RT )) (2.2)

where kB is the Boltzmann constant, h is the Planck constant, T is temperature,

R is the molar gas constant in kJ/mol, and ∆Gu→‡ is the Gibbs free energy of

activation for forming the transition or activated state [3].

Although the TST is still commonly used for initial analysis of folding reaction

rates, it does not accurately characterize the protein-folding reaction. TST was

formulated to describe elementary chemical reactions of small molecules [27]. Its

pre-exponential factor, kBT/h, corresponds to vibrational motions of the chemical

bond, on the order of 6 × 1012 s−1 at room temperature, grossly overestimating

folding rates. It does not take into account damping effects due to the solvent and

the fact that protein-folding reactions involve simultaneous making and breaking

of many weak non-covalent bonds in solution [3, 28]. The key assumption in TST
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is that there is a one-time barrier-crossing event from reactant to product along

the reaction coordinate. Later recrossings are considered unrelated events [29],

although Eyring [27] introduced an ad hoc fudge factor κ ≤ 1 to make k = κ · kTST.

This reduces the reaction rate and corrects for reactive trajectories that recross the

transition state.

Kramers rate theory. A better-suited approach for protein folding reac-

tions is the reaction-rate formalism developed by Kramers in 1940 [30]. Kramers

theory includes the role of diffusion and Brownian motion as driven by thermal

forces in barrier-crossing events. For a long time, Kramers’ work was only ap-

preciated by a few theorists. Recently however, it has been extended by Hänggi

and coworkers to understand kinetics of condensed phases [31]. Hänggi et al. [31]

presents a modern derivation of Kramers result using Newton’s equation of motion

in the form of a Langevin equation.

Mẍ = −U ′(x) − γMẋ + ξ(t) (2.3)

M is the mass of a classical particle moving in a one-dimensional asymmetric

double well potential U(x) (Fig. 2–2) and x is the reaction coordinate. In a simple

model of Kramers theory, all the remaining degrees of freedom are described by a

random fluctuating force, ξ(t), which obeys the fluctuation-dissipation theorem;

and a linear damping force, −γMẋ where γ provides the constant damping rate.

For reactions in solution, the effect of solvent molecules is incorporated in the

friction term γ. For strong reaction friction, the system is over-damped; the Mẍ

term is very small and can be eliminated from the calculations. As opposed to

TST, multiple barrier-crossing events are considered in rate calculations.

The barrier-crossing rate, k+ = j/na, is given by the flux, j, over the pop-

ulation at A, na. The flux and the population are calculated from a probability

density, which obeys the stationary Fokker-Planck equation, around the barrier. In
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Figure 2–2: Potential energy U(x) with two metastable states A and C. Transitions
from state A to C at rate k+ entails crossing the energy barrier, E+

b .

the high-friction (γ À ωb) limit, which is applicable to reactions in solution, the

famous Kramers’ result is

koverdamped
+ =

ωaωb

2πγ
exp(−βEb). (2.4)

E+
b is the activation energy, E+

b = U(xb) − U(xa), ωa is the undamped angular

frequency of the minimum at A, and ωb is the frequency of the transition state

at B [25]. β can either be (kBT )−1 if the energy is in kJ, or (RT )−1 for energy in

kJ/mol, which is more commonly used in biochemistry. For T = 20◦C = 293.15 K,

RT = 2.436 kJ/mol.

Direct application of Equation 2.4 to protein folding poses challenges in

actually defining the curvature of the potential, as described by ωa and ωb. Nev-

ertheless, Kramers theory still provides a better alternative to TST. It includes

diffusive effects due to friction, which occur as large molecules undergo confor-

mational changes in solution. In a folding simulation study [32] that includes the

friction coefficient γ, Kramers theory of barrier crossing adequately described

folding rates.
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If the friction γ in Equation 2.4 arises mainly from solvent dynamic viscosity,

ηS, the effects of friction on folding dynamics are easily probed experimentally by

adding external viscosity-generating agents. Experiments do show that folding rates

follow an inverse dependence on solvent viscosity [33]. Thus, folding rates can be

treated as

ku→f ∝
1

ηS

exp(−∆Ga/(RT )). (2.5)

∆Ga is the height of the activation energy barrier. However, we cannot expect ku→f

to grow without limit as ηS declines. The application of Kramers theory to protein

folding reactions and the limiting effect of protein internal friction in fast folding

systems are both addressed in Chapter 5.

2.3.2 Energy Landscape Theory

In the Kramers picture, a one-dimensional double-well potential seems suffi-

cient in describing the rate of the protein-folding reaction. The multidimensionality

of the process is accounted for by friction, γ, and random fluctuations, ξ(t) [25].

This makes the Kramers formalism a powerful tool in studying protein-folding

kinetics. However, a full understanding of the folding process still requires a global

view of the energy landscape.

The energy landscape theory is a statistical mechanical model to describe

the protein’s potential energy surface. The energy landscape itself can be defined

as a mapping of the polymer chain conformation to its free energy [34]. For

a random heteropolymer, the energy landscape is very rough. However, for a

protein, which is a kinetically and thermodynamically foldable heteropolymer,

the energy landscape, though also rough, has a funnel-shaped region that leads

to the native state [35]. The native state, N , corresponds to the small ensemble

of conformational structures at the minimum of the rough folding funnel, while

the unfolded state, U , has a huge ensemble of accessible conformations with large
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conformational entropy. A three-dimensional projection of a multidimensional

landscape is shown in Figure 2–3.

Free
Energy

Configuration space

U

N

Unfolded
protein

Figure 2–3: The folding energy landscape. The ensemble of unfolded proteins at
the top of the funnel may fold to the native state, N , by a variety of different
routes.

Prior to the energy landscape theory, protein folding was described in terms

of specific folding pathways and intermediate states. The energy landscape theory

shows that folding is a progressive reorganization of an ensemble of partially folded

structures using numerous routes to the native state. Some pathways, however,

may be more populated than others. The funnel shape describes conformations

that lead to the native state, and is necessary to overcome the Levinthal para-

dox [7, 34]. The one-dimensional reaction coordinate can be viewed as a projection

of the multidimensional potential energy surface into a particular reaction coordi-

nate (native contacts, radius of gyration, solvent-accessible surface area, etc.) [25].
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The application of the energy landscape formalism is one of the major break-

throughs in the theory of protein folding. Energy landscape theory gives a clearer

picture of protein-folding energetics. Folding is a progressive loss of configurational

entropy, leading to the minimum free energy. Socci, Onuchic and Wolynes [36]

showed that kinetics of folding can be described as a diffusive funnel-like process

represented by a simple diffusive rate theory, Kramers theory extended to take into

account the account the ruggedness of the free energy landscape. In the simplest

scenario, folding time τF can be written as [37]

τF = τC exp(β · G‡) (2.6)

where τC is the time-scale for configurational reorganization of a protein in the

reaction coordinate, taking into account damping effects and the rugged energy

landscape. G‡ is a free energy barrier for the folding transition. Quantifying τ and

G‡, however, is not trivial because many factors determining folding rates are still

not known.

2.3.3 Protein Folding Rates and Contact Order

In a study of general equilibrium properties of single-domain proteins that fold

with a simple two-state transition, Plaxco et al. [38] have shown that topological

complexity has a much stronger correlation to protein folding rates than do chain

length, stability, unfolding free energy, and transition state placement. They

quantify topological complexity in terms of a parameter called relative contact

order (CO),

CO =
1

L · N

N
∑

∆Sij. (2.7)

N is the number of contacts, L is the total number of amino-acid residues in the

protein, and ∆Sij is the number of amino acids separating the interacting residues,

i and j. Two residues are considered in contact when they have non-hydrogen

atoms that are within 6.0 Å apart. Adjacent residues that are in contact are
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assumed to have ∆Si,i+1 = 1. Relative contact orders are calculated from structural

coordinates published on the Protein Data Bank [4]. A high-contact-order structure

would have more nonlocal interactions (highly folded). There are contacts between

more pairs of residues that are farther apart in the chain. Proteins with lower

contact-order structures exhibit faster folding. The proteins studied have no

disulfide bonds and no cis proline1 residues.

The correlation coefficient between relative contact order, CO, and the natural

logarithm of the refolding rate in water, ln(k), is −0.81. The folding rates of the

proteins considered have been determined using different methods in the presence

of denaturant and then extrapolated to water solvent. Correlation coefficients

between ln(k) and other equilibrium properties are very poor. For the free energy

of unfolding, which determines native state stability, correlation coefficient is 0.13.

The correlation coefficient between chain length and ln(k) is −0.20 [38].

Although, the contact order parameter seems to be successful in describ-

ing folding rates, fast folding peptides, like the tryptophan cage (discussed in

Chapter 4), have large CO and are obvious outliers in the relative contact order

correlation plot. Recently, other parameters have been found that correlate slightly

better than CO [39, 40]. Absolute contact order, a renormalization of CO, is pro-

posed to include multistate folding proteins and short peptides [40]. All these,

however, are empirical correlations based on experimental data. Although there is a

1 In the polypeptide chain, the peptide bonds energetically favor the trans con-
formation. An exception to this rule is the peptide bond immediately preceding a
proline residue which, in the native state, can adopt either the cis or trans confor-
mation almost isoenergetically. In unfolding and refolding experiments, proteins
with cis prolines could have slow (10 to 20 s) refolding phases due to cis-trans iso-
merization. In the unfolded states, mixtures of cis and trans prolines are present.
In the folded state, however, a peptide bond immediately preceding a proline has
only one form, either cis or trans [3].
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clear link between complexity and topology to folding speed showing that entropic

search is important, the underlying physics is not known exactly [25]. Nevertheless,

the correlations show that folding rate and topological complexity are more related

than other equilibrium properties of proteins. Qualitatively, long-range order nar-

rows the conformation search space and reduces the entropic contribution of the

folding-energy barrier. Therefore, there is need for quantitative theories relating

folding kinetics and topology, like the topomer search model for two-state protein

folding [41]. In addition, it is important to note that variations due to site-directed

mutagenesis, though maintaining the structure of the protein, change the folding

rates dramatically [24]. This means that factors other than topology contribute

significantly to folding rates.

2.4 What Controls the Speed of Protein Folding?

From the relative contact order correlation, it has been shown that folding

rates somehow depend on the overall topology of the protein molecule. But, what

actually limits the speed of protein folding?

Proteins fold in a wide range of time scales: microseconds to minutes. The

rate or speed of folding from the unfolded to the native state is determined by the

slowest event, the rate-limiting step. Very slow folding reactions are limited by

proline isomerization and oligomerization. The lower bound to the folding speed of

proteins is determined by biology. A eucaryotic cell adds about 2 amino acids to

a polypeptide chain per second [42]. Bacterial cells manufactures proteins faster.

E. coli can synthesize polypeptide chains at a rate of 10 to 20 amino acids per

second. Protein molecules in the cell must fold immediately after synthesis or risk

being cleaved by proteases. An average-sized protein molecule of ∼ 300 amino

acids can be synthesized in ∼ 20 seconds. This sets a lower limit to folding speed

of approximately 1/min [6]. However, known folding rates of simple single-domain

two-state folding proteins are much faster than 1 minute [24]. Therefore, the upper
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bound to the folding speed is no longer determined by biological need but is limited

by intramolecular physical interactions.

The physical interactions in folding from a denatured random-coil state to the

native configuration involve a complex series of events (initial polypeptide collapse,

loop and contact formation, development of secondary structure) the chronology

of which is still not very well understood. In recent years, however, there has been

an increase in time-resolved experiments that provide a framework for probing the

time scales of formation of the basic structural elements. Alpha helices form in

about 400 to 800 ns [43, 44], beta-hairpins fold on the order of 1 to 10 µs [45, 46]

and contact formation in disordered loops occurs in 10 to 200 ns [16, 47].

The initial estimate to the upper limit of folding speed was made by Hagen et

al. [13] by scaling their measured rate of initial contact formation in an unfolded

protein to the simple statistical mechanical theory of Szabo, Schulten and Schulten

on the end-to-end contact rates for ideal polymer chains (SSS theory) [48]. They

claim that the initial collapse and folding time of a protein cannot be faster than

the time for a short loop formation (∼ 1µs for a ∼ 10-residue loop). Other

estimates, also based on contact formation experiments, yield faster rates (∼ 100 ns

for a 10-residue loop) [47]. The fastest folding proteins measured, the 20-residue

tryptophan cage, the 35-residue villin headpeace subdomain, and the 23-residue

BBA5, fold in 4.1 µs [49], 4.3 µs [50], and 7.5 µs [51] at room temperatures,

respectively. The 73-residue α3D 3-helix bundle folds in 3.2 µs [52] at 50◦C.

Despite these advances, the factors controlling the folding rates in this upper

limit are still not well understood. Much can be learned from folding trajectories

of all-atom molecular-dynamics simulations that are beginning to approach

microsecond time scales. Some proponents say that the fastest folding proteins lose

their free energy barrier and follow the “downhill” folding scenario of Bryngelson et

al. [53, 54]. In Chapter 5, we show that if the initial stage of collapse is bypassed
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and folding commences from a compact late-stage intermediate, then protein

internal friction controls the folding speed.



CHAPTER 3
LAMINAR-FLOW FLUID MIXER FOR

FAST FLUORESCENCE KINETIC STUDIES

3.1 Introduction

The development of new experimental techniques for triggering and probing

fast conformational dynamics and folding in proteins has greatly advanced the

understanding of protein-folding mechanisms [6, 55]. The experimental techniques

with greatest impact include laser-based optical triggers for folding, temperature-

jump spectrometers, and ultra-rapid fluid-mixing devices [56]. Although laser-based

triggering will always provide the fastest time resolution in kinetic studies, ultra-

rapid mixing offers an important advantage: a rapid solvent change can generate

a large thermodynamic perturbation on virtually any biomolecular system. Hence,

continued improvement of rapid mixing technologies remains an important goal

in the study of protein interactions and folding. In this chapter, we discuss the

fabrication and characterization of a laminar-flow coaxial jet fluid mixer for fast

fluorescence kinetic studies [57].

At the molecular level, the mixing of two fluids relies on diffusion to generate a

uniform spatial distribution in solute concentrations. Time scales for diffusion vary

as the square of the distance over which solutes must diffuse, in one dimension

t =
(∆x)2

2D
(3.1)

where ∆x is the characteristic length scale travelled by the solute molecules at

time t and D is the coefficient of diffusion. Therefore, rapid mixing is possible

only if the lengths scales of the initial heterogeneity are very short [58]. Typical

23
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small molecule solutes have diffusion coefficients of D ≈ 10−5 cm2/s, mixing at

submilliseconds requires the length scale of the flow, ∆x, not exceed ≈ 1 µm.

Diffusion can be enhanced by turbulent flow because the action of turbulent

eddies can premix the solution to microscopic length scales and significantly

accelerate mixing [59]. Hence, one approach to generate fast mixing is to create

turbulence within the mixer. That is, one can drive the flow at high Reynolds

number. To be able to discuss the advantages and disadvantages of mixing with

high or low Reynolds number, a brief review of fluid dynamics is called for.

3.1.1 Turbulent vs. Laminar Flow

The basic equation that governs the dynamics of incompressible fluids is the

Navier-Stokes equation,

ρ

(

∂~u

∂t
+ (~u · ∇)~u

)

= −∇P + η∇2~u (3.2)

where ρ is the fluid density, ~u is the fluid velocity, P is the pressure and η is the

fluid dynamic viscosity. Equation 3.2 is simply an expression of Newton’s law for

fluids with the inertial terms on the left-hand side and the forces per unit volume,

due to a pressure gradient and viscosity, on the right-hand side. Additional forces

acting on the fluid, if considered, add to the right-hand side [58].

A dimensionless parameter, the Reynolds number, determines many properties

of the flow. The Reynolds number, <, measures, in order of magnitudes, the ratio

of the inertial forces,

ρ

∣

∣

∣

∣

∂~u

∂t
+ (~u · ∇)~u

∣

∣

∣

∣

∼ ρ

(

u

∆t
+

u2

∆l

)

∼
ρu2

∆l
, (3.3)

to the viscous force acting on the fluid,

η|∇2~u| ∼
ηu

∆l2
. (3.4)
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Therefore, the Reynolds number [60] is given by

< =
inertial forces

viscous forces
=

ρu∆l

η
(3.5)

where ∆l is the characteristic spatial dimension, such as the diameter of the flow

channel. Low Reynolds number (< → 0) correspond to laminar viscous flow, where

inertial forces are small and may be neglected. In this flow regime, the Navier-

Stokes equation is simple and the left-hand side of Equation 3.2 can be ignored.

The flow is then governed by the Stokes equation,

η∇2~u = ∇P, (3.6)

fluid flow is laminar and virtually all motion is symmetric in time. Typically,

laminar flow occurs at < ¿ 1.

The other extreme, flow at high Reynolds number (< À 105), leads to

turbulent flow, in which inertial forces are much larger than viscous forces. This

flow regime is characterized by interacting vortices, complex and unpredictable flow

patterns, and turbulent eddies. The region of < between 102 to 104 is considered

to be the transition region from laminar to turbulent flow although laminar flow

conditions have been observed at < greater than 105 [58].

3.1.2 Turbulent-flow Mixers vs. Laminar-flow Mixers

Turbulence facilitates fast mixing by dispersing solutes into small volume ele-

ments. Although this method has proven to be successful in attaining microsecond

mixing dead times [61, 62, 63, 64, 65], requirements for turbulent flow impose high

fluid velocities and therefore, high sample consumption. Sample consumption, Q

(volume/time), scales as Q ≈ u∆l2 ≈ <∆lη/ρ1 . For example, turbulent-flow

1 For Q estimates in aqueous solutions, we use density of water, ρ = 1 g/cm3,
and dynamic viscosity of water, η = 0.01 g/cm·s, T = 20◦C.
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mixers with mixing dead times of ∼ 100 µs or better, have a typical sample con-

sumption of ∼ 0.5 to 2 mL/s. In fact, protein consumption in turbulent mixing

studies has been as high as 8 mg/s [66]. The scaling of Q with < suggests that all

but the smallest turbulent mixers will probably consume large amounts of sample.

To drive an aqueous solution to the threshold of turbulence (i.e., to < ∼ 2 × 103)

while consuming only 1 mL/min of sample, would require for a cylindrical channel,

a diameter of order d ≈ 10 µm and a flow speed u ≈ 210 m/s. The many technical

and practical difficulties predicted by this rough estimate, together with an interest

in performing rapid mixing experiments on poorly-expressed (or otherwise scarce)

proteins, motivates the search for alternatives to turbulent mixing. Laminar-flow

mixing is an ideal option because the major requirement for laminar flow is very

low Reynolds number and consequently, very low flow velocities.

Rapid mixing can be accomplished under laminar flow conditions, if rapid

diffusion can be promoted by drawing the mixing solutions into thin parallel layers

(the microfluidic approach). Knight et al. [11] constructed such a mixer using

silicon microprocessing: photolithography and reactive ion-etching. They used

a rectangular hydrodynamic-focusing geometry, in which a thin sheet of flowing

sample is pinched between two streams of diluting buffer; solutes diffuse into the

sheet in a largely one-dimensional manner. Pollack and coworkers used this mixer

design in small-angle x-ray scattering (SAXS) experiments of protein and RNA

folding dynamics [67, 68, 69], with time resolution in the order of ∼ 350 µs.

Although these advances demonstrate submillisecond mixing, they suggest

that the only approach to laminar-flow mixing experiments are elaborate detection

techniques, like SAXS, and silicon or silicon-related microprocessing. One related

process is replica molding of relief patterns in silicon using the elastomeric polymer

poly-dimethylsiloxane (PDMS) [70]. While micro-machining and and replica

molding patterns in silicon is not complicated, there are issues in applying these
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techniques in protein folding experiments — like the mechanical weakness of silicon

and complications in the flow and sealing. The most compelling of these issues

is the inability of silicon-based and PDMS-based mixers to allow observation of

mixing under ultraviolet (UV) illumination. Because PDMS and silicon mixers

are not UV-transparent, these mixers are not easily adapted to kinetic studies

that probe the excitation (at 260 to 290 nm) and emission (∼350 nm) of the

natural amino acid tryptophan, a non-prosthetic fluorophore and a standard

biophysical probe for fluorescence spectroscopy studies of protein folding dynamics.

Therefore, we have sought to develop a sample-efficient device that mixes fluids

with microsecond dead times under laminar flow conditions, while at the same time

allowing broad UV-visible optical access to the sample.

3.2 Building a Rapid Laminar-Flow Mixer

3.2.1 Mixer Design and Operation

Design. We have constructed a laminar-flow, sample-efficient, fast mixer

from fused silica capillaries using the coaxial jet geometry (Fig. 3–1). The use of

fused silica capillaries (Polymicro Technologies, Phoenix, AZ) allows excitation

and detection in the UV region. The mixer is assembled under the microscope

by inserting the first silica capillary, 20 µm inner diameter (ID) and 66 µm outer

diameter (OD), into a larger silica capillary. The outer capillary has a square

cross-section, with an inside width of 100 µm. The cylindrical inner capillary

carries a thin outer coating of polyimide (90 µm OD) that acts as a spacer, keeping

the inner and outer capillaries concentric. A fluorescent sample (e.g., N -acetyl-

tryptophan-amide) flows out of the inner capillary and is released into the center of

a flow of diluting buffer that passes through a larger outer capillary. The resulting

fluorescent stream is hydrodynamically focused to a narrow cross section as it is

accelerated by the faster outer capillary flow. As the inner stream is thus drawn
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Figure 3–1: Laminar-flow coaxial mixer. A stream of fluorescent sample exit-
ing the inner capillary is hydrodynamically focused by the faster flow of diluting
buffer (non-fluorescent) passing through the outer capillary. This draws the sample
stream into a column of radius a ≈ 1 µm, allowing rapid diffusion of the surround-
ing buffer in the sample region. The use of fused silica capillary provides UV trans-
parency. The diagram on the left shows mixer dimensions. The image on the right
is the background-subtracted CCD image of the fluorescent sample.

out into a thin column, radial diffusion of solutes between the sample and the

diluting buffer can occur rapidly, providing fast mixing.

This design represents a microfluidic analog of the larger coaxial jet mixer

described by Christian and coworkers for flow cytometry applications [71, 72].

That device mixes two concentric streams of liquid throughout the volume of the

observation channel, rather than just along the central axis (as in our mixer).

Therefore, when operating under laminar conditions, the larger mixer required

diffusion across the relatively wide (hundreds of microns) channel, generating

mixing times of ∼10 s with sample consumption of 60 µL/min. Under turbulent

flow conditions, those authors obtained a dead time of ∼55 ms [71]. Our design

reduces the physical dimensions and confines the mixing region to the central axis

of the flow, which generates at least a 100-fold improvement in dead time (to ∼400
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µs; see below), and at least a 160-fold reduction in sample consumption, while

maintaining laminar flow.

Operation. The mixer operates in continuous flow. Tryptophan fluorescence

is excited by focusing the 266-nm fourth harmonic of a quasi-continuous Nd:YAG

laser (2 mW, NanoUV, JDS Uniphase, San Jose, CA) through a spatial filter and

a cylindrical lens onto the mixer (Fig. 3–2A). The 350-nm fluorescence emission

of the mixing stream is collected 90◦ from the excitation source by a 10× long-

working-distance microscope objective (0.3 N.A., ∞-corrected from Olympus

America, Melville, NY). The emission passes through a WG-320 Schott glass filter2

and silica tube lens before being imaged onto a UV-sensitive 1300 × 1030 pixel

CCD array (Micromax, Roper Scientific, Princeton, NJ). The pixel size of the CCD

is 6.7-µm × 6.7-µm. The 10×-objective magnifies the image to a spatial resolution

of 0.67-µm × 0.67-µm. The spatial position of a point in the flow stream is a linear

function of the time elapsed since mixing. This implies a nominal time resolution

of 3.4 µs at a flow speed of 20 cm/s, although our actual resolution is reduced by

binning of the pixels.

The coaxial mixer, assembled under a microscope, is held in a machined

sample holder with Luer connections (Fig. 3–2B). A programmable syringe pump

supplies a fixed flow of buffer through the outer capillary. The much smaller flow

rates through the inner capillary are maintained by gas pressure controlled by

a precision regulator (Omega Engineering, Meriden, CT). Figure 3–2C shows a

typical background-subtracted fluorescence image of the operating mixer. The

fluorescent stream does not diffuse far from the central axis of the flow before

passing out of the mixer. The flow remains confined within the mixer at all

2 The WG-320 filter prevents wavelengths less than 320 nm to reach the CCD
camera. The laser excitation wavelength is 266 nm.
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Figure 3–2: (A) Schematic of fluorescence excitation and collection optics: the
flowing sample is illuminated by a UV laser and imaged onto a CCD. (B) Sample
delivery system, consisting of a N2 pressure regulator for driving inner-capillary
flow and a programmable syringe pump for controlling flow of diluting buffer in
the outer capillary. Tubing connections are made with Luer fittings and microbore
tubing (500 µm ID). (C) Background-subtracted CCD image of a fluorescent dye
flowing out of the inner capillary into the center of the flow of diluting buffer pass-
ing through the large outer capillary. The buffer is non-fluorescent, hence, invisible
in the image.

times. The use of fused silica capillary makes the mixing and reaction region

UV-transparent and promotes observation of the entire mixing process.

Because of the nonuniform velocity profile of a viscous fluid flowing through a

rectangular channel, the fluid velocity along the central axis of the outer capillary

exceeds the cross-sectional average flow velocity set by the syringe pump [58, 60].
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For a square capillary, the ratio3 of the maximum speed at the center of the

capillary to the average speed is ∼1.6. We use this central axis velocity, rather than

the average velocity, as the scale factor to convert spatial fluorescence data (from

the CCD) into time-dependent fluorescence decay data. The typical operating

parameters are ∼5 mL/h flow rate in the outer capillary (for an axial flow velocity

of ∼22 cm/s) and driving pressures4 of ∼5 to 25 psi N2 for the inner capillary. The

mixer consumes 1.4 µL/s of the diluting buffer and ∼ 1 nL/s of fluorescent sample.

CCD exposure times of 10 to 45 s are sufficient for measuring quenching rates. The

flow pattern, which is characterized by < ≈ 14, is stable and time independent.

A background image is subtracted from all fluorescence images. Mixing data

presented here are obtained at 22◦C.

3.2.2 Diffusion Model of Mixer Behavior

The simple cylindrical coaxial jet geometry allows numerical modelling of the

mixer behavior with a radial diffusion equation:

∂C(r, t)

∂t
=

D

r

(

∂C

∂r
+ r

∂2C

∂r2

)

(3.7)

C(r, t) is the concentration of the outer capillary solute (e.g., the diluting buffer)

at radius r (distance from the mixer axis) and time t. D is the solute diffusion

3 The ratio is calculated from the solution to the Stokes Equation (Eq. 3.6) for a
square pipe of side 2a [60]:

u(x, y) = −
16a2

π3η

dP

dz

∞
∑

n=1,3,5

(−1)(n−1)/2

(

1 −
cosh(nπx/2a)

cosh(nπ/2)

)

cos(nπy/2a)

n3

where x and y are coordinates in the cross-section of the channel and the z-
direction is the direction of flow.

4 1 psi (pounds per square inch) = 51.715 torr = 6894.757 Pa
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constant. We consider a mixing experiment with initial conditions,

C(r, 0) =
0 if r ≤ a

C0 if r > a,
(3.8)

where C0 is the initial concentration of diffusable solutes in the outer capillary

buffer and a is the radius of the inner capillary stream.

The numerical solution to Equation 3.7 is calculated using MATLAB (Math-

works, Natick, MA). Details of the calculation are shown in Appendix B, Sec-

tion B.1. Figure 3–3 shows the concentration profiles C(r, t) from the numerical

solution of Equation 3.7. The concentration at r = 0 rises from C = 0 to

C ≈ (0.5)C0 in a time t ≈ a2/3D and to C ≈ (0.9)C0 in a time t ≈ 2a2/D. This

means that for a ∼ 0.5 µm and D ∼ 7 × 10−6 cm2/s, mixing must be 90% complete

in ≈ 700 µs. The time-dependence of concentration is shown in Figure 3–4B.
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2
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Figure 3–3: Numerical solutions to the cylindrical diffusion equation (Eq. 3.7) for
diffusion of a solute from a diluting buffer into a sample stream of radius a. The
curves represent concentration profiles, C(r, t), of the diluting buffer at dimension-
less times Dt/a2 = 0.001, 0.01, 0.06, 0.1, 0.2, 0.3, 0.6, 0.9, 1.5, and 3. Details of the
numerical calculations are given in Appendix B.

We also compare the theoretical performance of the laminar coaxial jet mixer

with a laminar mixer of rectangular geometry — the flat sheet silicon mixer of
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Knight et al. [11]. Mixing in a rectangular geometry can be modelled by a one-

dimensional diffusion equation

∂C(x, t)

∂t
= D

∂2C

∂x2
(3.9)

for a flat sheet with solutes mixing into the inner stream from 2 sides, as dia-

grammed in Figure 3–4A. The initial conditions are

C(x, 0) =
0 if −2a ≤ x ≤ 2a

C0 if |x| > 2a,
(3.10)

Numerical solutions for the rectangular geometry are generated the same way as

the solutions for the cylindrical system.
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Figure 3–4: (A) Cartoon comparison of laminar mixing in cylindrical versus rect-
angular geometries: cross-section of the mixing region with flow perpendicular to
the page, arrows indicate diffusion direction of diluting solutes into the inner fluo-
rescent stream (dark regions). (B) Rise of solute concentrations at the center of the
inner stream as a function of dimensionless times. Diffusion of solutes in a mixer
with coaxial geometry (— ) is faster than in a rectangular mixer (− · −).

For the same length scale a, diffusion in a coaxial geometry is faster than

the rectangular geometry. This is illustrated in Figure 3–4A, in a cylindrical
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geometry, solutes diffuse to the central region from all directions. On the other

hand, diffusion to the central region in a rectangular geometry only occurs on

2 sides. The rise time in the concentration of diluting solutes at the center of

the mixing streams in both cylindrical and rectangular geometries are shown

in Figure 3–4B. Cylindrical diffusion is more abrupt, rise of concentration of

outer capillary solutes, to 90% of C0 at the inner capillary central axis, is ∼

20× faster compared to the same rise in concentration at the central region (x

= 0) of the rectangular geometry. Experiments requiring a well defined final

solute concentration C0 would tend to benefit more from this geometry. The

hydrodynamics of the coaxial design are also simpler in principle, because the

fluorescent stream remains in the center of the channel and avoids the stationary

boundary layer at the walls.

3.3 Characterization of Mixer Performance

In the previous section, we have shown that once can in principle attain sub-

millisecond diffusion in a laminar coaxial jet mixer design. It is now important

to experimentally demonstrate fast mixing. We do this by flowing a fluorescent

sample in the inner capillary and examining the action of quencher solutes flowing

in the outer capillary. The fluorescent sample used is N -acetyl-tryptophan-amide

(NATA), a stable derivative of the naturally occurring amino acid tryptophan.

Quenchers used are iodide ions (I−) and N-bromosuccinimide (NBS). Mixing

of NATA with sodium iodide (NaI) results in quenching of the tryptophan flu-

orescence by the iodide ions in a diffusion-limited reaction, with a bimolecular

rate of ∼ 4 × 109 (M·s)−1 [73]. This allows us to observe mixing as it hap-

pens. The quenching of NATA fluorescence by NBS5 proceeds at a slower rate

5 NBS reacts with tryptophan in an oxidation reaction that converts the indole
chromophore of tryptophan to oxindole [74, 75].
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≈ (7.3 to 7.9) × 105 (M·s)−1 [64, 76]. This allows us to monitor the time resolution

of the mixing device.

3.3.1 Quantitative Fluorescence Measurement

In Figure 3–5, we show fluorescence quenching reactions in the mixer. Panels

A and B are background-subtracted CCD images of fluorescent NATA streams

flowing out of the inner capillary into the outer-capillary buffer solution. We use 50

µM NATA in 100 mM phosphate buffer (pH 7). The outer capillary solution is not

fluorescent and therefore, is invisible in the background-subtracted CCD images.

Figure 3–5A shows the image of the control, fluorescent NATA coming out of the

inner capillary flows into a non-quenching phosphate buffer solution. The image

in Figure 3–5B uses the same flow conditions and NATA concentration as in A,

but with a quenching solution, 34 mM NaI, flowing in the outer capillary. Since

mixing of NATA with the NaI results in quenching of the tryptophan fluorescence

by the iodide ions in a diffusion-limited reaction, this manifests as a lowering of

fluorescence intensity of the fluorescent stream in Figure 3–5B as compared to

Figure 3–5A.

For Figure 3–5, A and B, the images of NATA-phosphate and NATA-iodide

mixing are collected under constant outer capillary flow rate and constant inner

capillary driving pressure. Immediately after each picture is taken, a background

image is collected by suppressing flow in the inner capillary while allowing the

outer capillary flow to continue. The images were subtracted in the CCD data

acquisition software (WinView, Roper Scientific, Princeton, NJ). The background-

subtracted raw image data are transferred to MATLAB for further analysis.

The quenching of NATA by I− is quantified by comparing the fluorescence in-

tensity profile in the quenching-reaction image, Ireaction (Fig. 3–5B: NATA-iodide),

and the fluorescence intensity profile in the control image, Icontrol (Fig. 3–5A:
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Figure 3–5: Quantitative fluorescence measurement in the coaxial mixer. (A) Image
of control experiment in which NATA flowing from the inner capillary mixes with
(inert) phosphate, pH 7, in the outer capillary. Driving pressure for the inner cap-
illary flow is 6 psi and outer capillary flow rate is 5 mL/h. Background has been
subtracted from the image. (B) Image of quenching experiment in which NATA
mixes with 34 mM NaI flowing in the outer capillary, under the same flow condi-
tions as above. (C) Intensity ratio Irel calculated from above images, as a function
of distance downstream from point of mixing (in pixels). The figure indicates Irel

of 50%, as expected from equilibrium data. (D) Stern-Volmer plot of the NATA-
NaI quenching reaction from equilibrium fluorescence measurements (See Eq. 3.12)
indicating that Irel should be 50% at 34 mM NaI.
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NATA-phosphate). The intensity profiles are obtained by binning the pixels down-

stream of the mixing region to cover the entire width of the fluorescent stream. The

region of interest (Fig. 3–5A) is along the vertical spatial direction which is the

direction of flow (time axis). The relative fluorescence intensity, Irel, is calculated

for each binned time along the region of interest,

Irel =
Ireaction

Icontrol

. (3.11)

Figure 3–5C shows the plot of the relative intensity ratio Irel to pixel position

(time) along the direction of flow. The plot indicates that Irel ≈ 0.5, giving

quantitative agreement with the equilibrium fluorescence data in Figure 3–5D.

Figure 3–5D also shows that quenching of tryptophan fluorescence by iodide ions

follows the Stern-Volmer equation [73],

Icontrol

Ireaction

=
1

Irel

= 1 + KQ[Q] (3.12)

where Ireaction is the measured fluorescence intensity, Icontrol in the fluorescence

intensity without quencher, KQ is the Stern-Volmer constant and [Q] is the

quencher concentration.

3.3.2 Measurement of Reaction Rates

The time-resolution of mixers is best measured with a reaction that occurs

more slowly than the diffusion-limited NATA-iodide quenching reaction. The

quenching of NATA fluorescence by N-bromosuccinimide (NBS) proceeds at a

bimolecular rate kbi ≈ (7.3 to 7.9) × 105 (M·s)−1 at room temperature [64, 76].

Figure 3–6 shows a mixing experiment in which 50 µM NATA flows in the inner

capillary and 1.5 mM NBS flows in the outer capillary, under different values of

driving pressures for the inner capillary. The outer capillary flow rate remains fixed

at 5 mL/h. The quenching reaction at these concentrations should progress with
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Figure 3–6: (A) CCD image of NATA (50 µM) flowing from the inner capillary (at
13.5 psi driving pressure) and mixing with 1.5 mM NBS in the outer capillary (at 5
mL/h). The NATA fluorescence decays with distance downstream from the point of
mixing. The figure also shows relative fluorescence Irel as a function of position for
different inner capillary pressures: 22.2 psi (B), 13.5 psi (C), and 9.1 psi (D). The
decay rate s is obtained from exponential fits to Irel (solid lines).
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pseudo-first-order kinetics at a rate k0 ≈ [NBS]·kbi = 1100 to 1200 s−1 with NBS in

excess.

The intensity plots in Figure 3–6, panels B to D, show exponential decay of

Irel as a function of distance downstream from the point of mixing. The decay rate

s, obtained from the single exponential fit, is in units of pixels−1 and needs to be

converted to actual units of time. The resolution of the CCD camera, δx, per pixel

is 0.67 µm due to the 10×-magnification. Since the ratio of maximum flow speed

at the center of the capillary to the average speed is ∼ 1.6 for a square capillary

and we use capillaries of inner dimension of 100 µM with a controlled flow rate of 5

mL/h, the axial velocity u = 21 cm/s. Then the apparent quenching rate, k, with

units of s−1, is given by k = s · u/δx.

The quenching reaction is faster when the pressure driving the inner capillary

flow, Pinner, is reduced, a behavior that is anticipated as a consequence of laminar

mixing. Lower pressures in the inner capillary drive a smaller volume of fluorescent

material into the mixer, resulting in a narrower fluorescent stream, faster molecular

diffusion, and more rapid quenching of the fluorescence. High pressures, by

contrast, result in a broader stream of NATA, which slows the diffusion of NBS and

delays the quenching reaction. Thus the observed quenching rate at high pressure

is controlled by the speed of molecular diffusion, whereas in the limit of very low

pressures we expect the intrinsic reaction rate k0 to control the apparent quenching

rate. Figure 3–7A demonstrates that this is indeed the case. As the driving

pressure decreases toward 5 psi, k approaches k0, and the observed fluorescence

decay provides an accurate measurement of the sub-millisecond reaction rate.

Figure 3–7B shows that the total fluorescence intensity in the stream grows linearly

with driving pressure Pinner when an inert, non-quenching buffer is used in the

outer capillary. This indicates that the cross-sectional area of the fluorescent

stream grows in proportion to Pinner.
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Figure 3–7: (A) Variation of the apparent rate of fluorescence quenching of
50 µM NATA by 1.5 mM NBS with inner-capillary driving pressure. Lower driving
pressures reduce the volume of flow, shrinking the radius of the NATA stream and
allowing faster diffusion of NBS. The apparent quenching rate then approaches the
expected value (dotted line) for this bimolecular reaction, k = 1190 s−1. At higher
pressures, the fluorescent stream widens and the quenching rate becomes diffusion
controlled. The solid curve is the behavior predicted by the numerical model dis-
cussed in detail in Appendix B. (B) The overall fluorescence intensity of the inner
stream (in a non-quenching buffer) versus inner-capillary driving pressure. Intensity
grows linearly with pressure, because flow volume is proportional to the driving
pressure gradient. The flow cuts off when the driving pressure equals the pressure
P0 = 3.5 psi in the outer capillary at the point of mixing.

The problem of axi-symmetric flow in a circular pipe, first studied by Hagen

in 1839 [77] and Poiseuille in 1840 [78], has been solved directly from the Stokes

equation (Eq. 3.6) and is called the Hagen-Poiseuille flow.

Q = −
πR4

8η

∂P

∂z
(3.13)
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where Q is the volume flow rate in the circular pipe of radius R driven by a

pressure gradient ∂P/∂z. One then expects the flow coming out of the inner

capillary to be

Qinner =
πR4

8η

Pinner − P0

L
(3.14)

where P0 is the pressure at the terminus of the inner capillary of length L. From

the intercept in Figure 3–7B, P0 ≈ 3.5 psi. The inner capillary used has R =

10 µm and L = 105 mm. Therefore, at our lowest pressures, Pinner ≈ 5 psi,

Qinner = 0.3 nL/s.

Conditions of hydrodynamic focusing implies that radius of the inner stream

is pinched from all directions by the faster syringe-pump controlled outer capillary

flow, Qouter = 1.4 µL/s. We can estimate the inner stream radius a,

a =

(

Qinner

πu

)1/2

(3.15)

where u is the axial flow speed of the outer capillary solution. The estimated

radii for different driving pressures are shown in the upper x-axis of Figure 3–7A.

Reaction rates up to 3D/a2 ≈ 3000 s−1 should be measurable under these

conditions if D ≈ 7 × 10−6 cm2/s, whereas higher rates would be accessible with

lower pressures or with faster diffusing species (such as H+ in a pH-jump induced

folding reaction).

Taking advantage of the simple physics, we extended the numerical model6

of cylindrical diffusion for the generation of the sample stream of NATA, with the

simultaneous inward diffusion and reaction of NBS, to predict the apparent rate of

fluorescence quenching, kapp. The concentration of NATA decreases exponentially

6 The extended numerical model, which includes quenching of NATA fluorescence
by NBS, is also discussed in Appendix B, Subsection B.1.2.
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upon contact with NBS,

[NATA](r, t) = [NATA]0 exp

(

− kbi

∫ t

0

C(r, t′)dt′
)

(3.16)

where [NATA]0 is initial NATA concentration. C(r, t) = [NBS](r, t) from Subsection

3.2.2 and Appendix B (Sec. B.1). The fluorescence intensity of NATA depends on

the radius a of the NATA stream. The initial conditions for NATA fluorescence at

t = 0 is given by

F0 =

∫ a

0

[NATA]0 dr. (3.17)

The relative fluorescence intensity at any time t is

Frel(t) =

∫ RÀa

0
[NATA](r, t)dr

∫ a

0
[NATA]0 dr

. (3.18)

We expect the relative fluorescence Frel to decay with time,

Frel(t) = exp(−kapp · t). (3.19)

Single-exponential fits to Frel(t) for different values of estimated radii a at a

given initial NBS concentration generate the apparent rate, kapp, for different a. As

expected for large values of a, kapp < k; the radius of the NATA stream is large,

leading to slow diffusion of NBS molecules into the sample stream. For small values

of a, kapp → k where k = 1190 s−1 for [NBS] = 1.5 mM. These predicted rates

(solid line in Fig. 3–7A) closely resemble the actual data, although there is some

deviation at high driving pressures. The curve shown assumes a diffusion constant

D = 7 × 10−6 cm2/s for NBS, kbi = 7.9 × 105 (M·s)−1, and a pressure P0 = 3.5 psi

in the mixing region (as suggested by Fig. 3–7B) but has no free parameters. The

deviation between data and model may arise from the outward diffusion of the

NATA away from the central axis, an effect (not included in the model) that would

tend to enhance the apparent quenching rate under diffusion-limited conditions. In

the case of a protein folding experiment, for which the fluorescent protein diffuses
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more slowly than the solutes, we would expect the actual performance to match the

modelled curve more closely.

3.3.3 Dead Time of Mixing

Characterization of mixing behavior is not complete without measurement of

the dead time of the mixer. The dead time, tdead, is the elapsed time between the

initiation of mixing and the first observable point where mixing is complete [76].

If the relative fluorescence data of Figure 3–6 B to D are extrapolated backwards

to the point where Irel = 1, and that point is defined as t = 0, then the first

observable point in the fluorescence decay curve occurs at tdead. Figure 3–8 shows

this extrapolation for two measurements of the quenching of 50 µM NATA by 0.75

mM and 1.5 mM NBS, in the fast (i.e., low Pinner) limit of mixer operation. The
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Figure 3–8: Kinetics of the fluorescence quenching reaction between NATA, at 50
µM, and NBS at 1.5 mM (filled triangle) and 0.75 mM (filled circle). Backward
extrapolation of the fits to Irel = 1 provides an estimate of the mixing dead time,
tdead = 425 µs.

fluorescence decays indicate quenching rates of 575 ± 52 s−1 and 1086 ± 107 s−1,

respectively, in satisfactory agreement with the expected values 540 to 590 s−1 and

1100 to 1200 s−1. Furthermore, the figure indicates tdead ≈ 425 µs. Because each

measurement consumed less than ∼ 1 µL of 50 µM NATA, the figure shows that
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quantitative UV-fluorescence studies of microsecond reactions can be performed

while using only picomole quantities of material.

We expect that geometrical parameters define the dead time of this mixing

device. The flow dynamics and diffusional transport near the terminus of the

inner capillary are nonuniform and quite complex, because the fluorescent stream

broadens as it exits the inner capillary and then narrows as it is accelerated by the

faster flow of surrounding buffer. This region thus represents an effectively dead

volume for the mixer. However, the flow leaves this region and attain its steady-

state flow profile over an entry length x ≈ 0.05d< = 0.05ρud2/η ≈ 75µm [60],

where d = 100 µm is the width of the outer capillary and u = 14 cm/s is the

(typical) mean flow speed. This suggests that the mixing dead time will be

x/v ≈ 0.05ρd2/η ≈ 500 µs, independent of flow speed. This estimate is consistent

with the data of Figure 3–8. Moreover, the factor d2 indicates that further reducing

the dimension of the outer capillary not only is a route to improving sample

efficiency, but also could substantially reduce the dead time. Because silica

capillary tubing is commercially available over a wide range of sizes, significant

improvement in mixer performance may be attainable without use of lithographic

techniques.

3.4 Conclusions

The fabrication and continuing improvement of ultrafast fluid mixing devices

is one of the driving forces behind progress in the understanding of conformational

dynamics and folding of proteins. Laminar (low <) mixing represents an important

new direction for mixing technologies, because it can lead to submillisecond

dead times together with microliter or nanoliter sample consumption. Here we

have shown that a laminar coaxial jet is a particularly simple mixing geometry

that provides ready access to microsecond chemical kinetic rates through UV

fluorescence spectroscopy. The method provides sufficient signal-to-noise ratio to
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measure fast fluorescence decays with ∼ 400 µs dead time, while consuming only

0.2 to 6 nL/s of sample in the inner capillary and 1.4 µL/s in the outer capillary.



CHAPTER 4
SMALL PROTEIN TRYPTOPHAN CAGE:

EQUILIBRIUM MEASUREMENTS AND TWO-STATE FOLDING

4.1 Introduction

Proteins fold on a variety of time scales: seconds to milliseconds to microsec-

onds. The finite speed of Brownian diffusion suggests that folding speed cannot

exceed the rate of ∼ 106 s−1 [13, 14, 15, 17]. The exact limits and the conditions in

which molecules may approach them remain open questions. To gain understanding

of the physical limitations to folding speed that proteins must eventually encounter,

a case study of a fast folding protein is necessary.

This chapter focuses on a designed miniprotein, commonly known as the

“tryptophan cage” or “Trp-cage” [79]. We show equilibrium circular dichroism and

fluorescence studies of the 20-amino acid long Trp-cage miniprotein. Equilibrium

measurements indicate that folding in Trp-cage is highly cooperative, fitting

very well to an ideal two-state system. Folding rates were measured using a

temperature-jump spectrometer [49].

To date, Trp-cage is one of the smallest and fastest folding protein-like

molecules known, with a folding time of 4 microseconds at room temperature. The

folding speed of Trp-cage approaches the rate of diffusional loop formation within

the unfolded chain. Trp-cage is a special protein because it appears to have a

perfectly optimized free energy landscape. At the same time, it is an outlier in the

contact order plot for prediction of folding rates of two-state proteins. The small

size and exceedingly fast folding of Trp-cage also make it an important benchmark

protein for molecular dynamics simulation.

46
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4.2 Two-State Protein Folding

Many small, single-domain proteins fold with simple two-state kinetics. The

characteristics of two-state folding have been well-documented [24, 80]. For a

two-state folding reaction, only the unfolded state, U , and the native state, N , are

populated along the folding pathway. The unfolding and refolding are monophasic

barrier-crossing processes that are characterized by the folding rate, kf , and the

unfolding rate, ku.

U
kf ,ku

 N. (4.1)

For a two-state system at temperature T , the fraction of unfolded molecules, χunf,

in the population is given by

χunf =
PU

PU + PN

=
e−GU/RT

e−GU/RT + e−GN/RT
=

1

1 + e(GU−GN )/RT
(4.2)

where PU and PN are the populations of the unfolded and the native states,

and GU and GN are the Gibbs free energy for the unfolded and native states,

respectively. The free energy change upon unfolding is ∆G = GU − GN =

∆H − T∆S. Thus, Equation 4.2 can be written as

χunf(T ) =
1

1 + exp
(

∆H
RT

− ∆S
R

) . (4.3)

The unfolding enthalpy and entropy, and the temperature dependence of the

unfolded fraction, χunf, can be determined from equilibrium measurements. We

can also determine the melting temperature, Tm. At Tm, the population of the

folded and unfolded states are equal, and the free energy of unfolding, ∆G, is

zero. A very important criterion for a two-state system is the agreement between

thermodynamic parameters measured with different equilibrium probes. In Trp-

cage, we have used far-UV circular dichroism (CD) spectroscopy and tryptophan

fluorescence to monitor the thermal folding and unfolding. The agreement between

CD and fluorescence data show that Trp-cage is an ideal two-state folding system.
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4.3 Trp-cage Structure

Trp-cage is a 20-amino acid long miniprotein designed by Anderson’s group

through truncation and mutation of a 39-residue Gila monster saliva peptide [79].

The construct we call Trp-cage is their TC5b mutant with sequence NLYIQ

WLKDG GPSSG RPPPS. Trp-cage (Fig. 4–1) has all the attributes of a larger,

more complex foldable protein: multiple secondary structure elements, tertiary

interactions, side-chain to side-chain packing, a backbone amide protection greater

than expected from secondary structure alone, spontaneous folding, cooperativity

and resistance to thermal unfolding.

A B C

D E F

N

C

Figure 4–1: Trp-cage structure. (A) The family of 38 structures determined from
NMR, shown in the skeletal model. (B) to (F) shows only one structure, all in the
same orientation using different models. (B) Trp-cage in a ball-and-stick model
showing heavy atoms. (C) Trp-cage in a ribbon-model of the backbone. Note the
α-helix (residues 2-8) and the smaller 310-helix (residues 11-14). (D) Trp-cage
structure with only the polymer backbone shown. (E) Trp-cage polymer backbone
with the salt-bridge-forming residues, aspartic acid (position 9) and arginine (po-
sition 16) in stick model. (F) Trp-cage polymer backbone with the residues that
form the hydrophobic core, in stick model: tyrosine (position 3) and tryptophan
(position 6) packing against a glycine (position 11) and proline residues (positions
12, 18 and 19).
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The Nuclear Magnetic Resonance (NMR) structure is reported by Nei-

digh et al., the Protein Data Bank code is 1L2Y. The hydrophobic core forms

a tryptophan-in-a-cage motif. It is composed of aromatic side chains tyrosine

(position 3) and tryptophan (position 6) packing against a glycine (position 11)

and proline residues (positions 12, 18 and 19). The secondary structure elements

include an α-helix (residues 2-8), a 310-helix (residues 11-14) and a poly-proline

II helix at the C-terminus. Neidigh’s stability data also suggest an aspartic acid

(position 9) and arginine (position 16) salt bridge [79].

4.4 Equilibrium Studies on Trp-cage

We use far-UV circular dichroism (CD) spectroscopy and tryptophan fluo-

rescence at neutral and acidic pH to monitor the thermal folding and unfolding

of the Trp-cage miniprotein. The Trp-cage samples are synthesized using FMOC

chemistry by Alfred Chung and associates of the UF Interdisciplinary Center for

Biotechnology Research (ICBR). Trp-cage samples for both equilibrium and ki-

netic studies are prepared by directly dissolving weighed amounts of lyophilized

protein in buffer. The concentration, C1 , is checked using a UV-Vis absorption

spectrophotometer (Shimadzu Corporation, Columbia, MD).

4.4.1 Far-UV Circular Dichroism Measurements

Far-UV Circular dichroism (CD) spectra quantify secondary structure content

of proteins and nucleic acids. Proteins are asymmetric molecules. Hence, they

exhibit a preference in absorption of either right or left circularly polarized light.

CD is a measure of the difference in absorption, ∆A = ALCP − ARCP where ALCP

is the absorbance for left circularly polarized light, ARCP is the absorbance for right

1 C = Aλ/ελl where ελ is the extinction coefficient, l is optical path length and
Aλ is absorbance (measured optical density) at the indicated wavelength. For a
molecule with one tryptophan and one tyrosine, ε278 = 6760 (M·cm)−1 at 278 nm.
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circular polarization and A is the absorbance of unpolarized light. Typical α-helical

proteins have CD spectra with minima at 208 and 222 nm. The CD spectra for α-

helix, β-sheet and random-coil polypeptide conformations are very different. Thus,

CD measurements are used to follow protein secondary structure conformational

changes due to external perturbations: temperature- or pH-change or presence of

denaturant molecules [81].
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Figure 4–2: CD Measurements of Trp-cage. (A) CD spectra of Trp-cage in pH 7
(phosphate buffer) and pH 3 (citric acid buffer) at 25◦C. The curve at neutral pH
is attributed to a very high level of helicity. (B) Change in CD spectral values at
222 nm for both neutral and acidic Trp-cage samples demonstrate how helicity
is lost due to thermal unfolding. The sigmoidal shape of the pH 7-curve suggests
cooperative unfolding.
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Figure 4–2A shows stability and strong α-helical content of Trp-cage at neutral

pH (pH 7, Trp-cage in phosphate buffer) and room temperature (25◦C). Thermal

unfolding is monitored by plotting CD spectral values at 222 nm versus tempera-

ture (Fig. 4–2B). Loss of CD signal at 222 nm corresponds to loss of helicity. The

sigmoidal shape of the neutral pH curve suggests cooperative thermal unfolding

(discussed below). At pH 3 (Trp-cage in citric acid buffer), the carboxylic acid

group (COO−) of the aspartic acid residue (position 9) gains a H+ ion. Conse-

quently, the aspartic acid and arginine salt bridge is broken. It is interesting to

note that helical structure is also lost upon breaking of the salt bridge (Figure 4–2).

The CD measurements are taken using a commercially available CD spec-

trometer (Aviv Instruments, Lakewood, NJ). CD spectral values is reported in

millidegrees because ALCP − ARCP is proportional to ellipticity2 (in mdeg).

Normalization in concentration, path length of the CD cuvette and number of

polypeptide residues allow expression of CD spectral values in commonly used units

of residue molar ellipticity (deg·cm2/dmol).

4.4.2 Fluorescence Measurements

Far-UV CD spectroscopy measures secondary structure content. Fluorescence

spectroscopy is an equilibrium technique that is complimentary to CD because it

2 Ellipticity θ is a measure of optical activity [81]. Plane polarized light absorbed
by an asymmetric molecule is changed to elliptically polarized light due to differ-
ence in absorption of LCP and RCP light.

θ = tan−1(a/b)

where a is the minor axis and b is the major axis of the ellipse traced by the ellipti-
cally polarized light. Circular dichroism is given by

∆A = ALCP − ARCP =
4πθ

(2.303)(180)

.
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can be used as an indicator of the degree of compactness of the molecule. For Trp-

cage, we take advantage of the natural tryptophan fluorescence and its dependence

on the local environment. Equilibrium fluorescence measurements are taken with

a JASCO fluorescence spectrometer (Easton, MD). We have chosen 266 nm as

excitation wavelength to match the fourth harmonic of the ND:YAG laser used in

the fluorescence kinetics experiment. Representative Trp-cage fluorescence emission

spectra at pH 7 are shown in Figure 4–3.
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Figure 4–3: Fluorescence emission spectra of the amino acid tryptophan in Trp-
cage, 266-nm excitation, pH 7 (phosphate buffer). Fluorescence intensity decreases
more strongly at higher temperatures where Trp-cage is thermally unfolded and the
tryptophan is no longer buried in the hydrophobic core.

The intensity of tryptophan fluorescence in Trp-cage decreases more strongly

at higher temperatures (> 40◦C). At 60–80◦C, more Trp-cage molecules in the

ensemble are expected to be thermally unfolded, with tryptophan no longer buried

in the hydrophobic core. Figure 4–4 shows a comparison of the temperature-

dependence of tryptophan integrated fluorescence (normalized in concentration) in

Trp-cage with free tryptophan in solution, N -acetyl-tryptophan-amide (NATA),

under the same neutral buffer conditions (pH 7, phosphate buffer). The reported

fluorescence values in Figures 4–4 and 4–5 are in normalized integrated fluores-

cence, fluorescence intensity integrated over the wavelength, F =
∫

I(λ)dλ, and
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Figure 4–4: Temperature dependence of the integrated fluorescence of tryptophan
in Trp-cage and in free solution, NATA. The integrated fluorescence, F , is nor-
malized in concentration. Both Trp-cage and NATA are prepared using phosphate
buffer, pH 7. The intensity of Trp-cage fluorescence decreases with temperature but
not as strongly and not monotonically as free tryptophan.

normalized with respect to concentration. NATA fluorescence decreases monoton-

ically with temperature (slope ∼ −22.2 counts/◦C). Trp-cage fluorescence, on the

other hand, has a very weak negative slope from ∼ 5 − 20◦C, a very weak positive

slope at ∼ 20 − 40◦C, and a steady decrease in fluorescence from 40◦C, although

this is a weaker decrease compared to free tryptophan.

In a compact folded state, the amino acid tryptophan is buried in the hy-

drophobic core. Figure 4–5 characterizes tryptophan burial by looking at tryp-

tophan fluorescence in Trp-cage at acidic pH and in the presence of a high con-

centration of fluorescence quenching iodide ions. From the CD data shown in

Figure 4–2, Trp-cage possesses significantly less α-helical content at pH 3 than

pH 7. This is an effect of the breaking of the aspartic acid-arginine salt bridge

at low pH. Consequently, at pH 3 more Trp-cage molecules are less compact and

have a solvent-exposed tryptophan. Hence, Trp-cage fluorescence at pH 3 follows a

NATA-like temperature dependence.
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Figure 4–5: Temperature dependence of the integrated fluorescence of tryptophan
in Trp-cage (∼ 5 to 7 µM) at pH 3, pH 7 and at pH 7 in the presence of excess
iodide ions (47 mM NaI). Reference fluorescence of free tryptophan in solution
(NATA) is also shown.

Another way to characterize tryptophan burial is by looking at quenching by

iodide. Iodide ions quench tryptophan fluorescence in a diffusion-limited reaction

with a bimolecular rate constant of ∼ 4 × 109 (M·s)−1 . Trp-cage fluorescence

at pH 7 in excess iodide ion solvent (Fig. 4–5) can be described by two slopes

(∼ −4.6 counts/◦C at < 40◦C and ∼ −5.2 counts/◦C at > 40◦C). To be susceptible

to iodide quenching, the tryptophan in Trp-cage must already be out of the hy-

drophobic core, even at temperatures below 40◦C. This observation, together with

the sigmoidal change in α-helical content with temperature for pH 7 (Fig. 4–2B),
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suggests an all-or-nothing or cooperative folding transition. For Trp-cage to expe-

rience cooperative folding, there should be only two populations in solution, the

indistinguishable ensemble of unfolded structures, U , and the native folded state,

N , with no detectable intermediates.

4.4.3 Analysis of Trp-cage Two-State Folding

For proteins undergoing a two-state folding transition, the temperature

dependence of the unfolded fraction, χunf, can be determined from equilibrium

data. We fit the pH 7 CD spectra at 222 nm (Fig. 4–2B) and fluorescence data

(Fig. 4–4) to Equation 4.3 to determine the unfolding thermodynamic parameters:

enthalpy ∆H, entropy ∆S, and melting temperature Tm.

Two scaling parameters, As and Ao are used to convert background-subtracted

CD data, CD222, to the unfolded fraction,

χunf = As · (CD222 − Ao). (4.4)

Calculation of χunf from the fluorescence data entails modelling the temperature

dependence of the fluorescence of the folded and unfolded states, Ffold and Funf,

respectively.

Ffold = Af · exp(−afT )

Funf = Au · exp(−auT ).
(4.5)

Normalized fluorescence3 FN is given by

FN = Ffold · (1 − χunf) + Funf · χunf. (4.6)

The scaling parameters As, Ao, Af , af , Au, and au, together with ∆H and ∆S are

derived from simultaneous least squares fit to Equations 4.3, 4.4, 4.5, and 4.6 using

3 FN is the Trp-cage fluorescence intensity integrated over the wavelength and
normalized with respect to integrated fluorescence of NATA at 5◦C.
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MATLAB. The equilibrium thermal unfolding curves from CD and fluorescence

data overlap each other as shown in Figure 4–6. The solid-line is the least squares

fit result which gives ∆H ≈ 48.6 kJ/mol and ∆S ≈ 155 J/mol-K for unfolding.

The unfolding midpoint occurs at Tm ≈ 41◦C where ∆G = 0 and the population

between folded and unfolded states are equal. The overlap of CD and fluorescence

data signifies that equilibrium thermal unfolding is independent of the probe.

This observation together with the quality of the fit to Equation 4.3 satisfies the

requirements for two-state folding [80]. Neidigh et al. reports the same cooperative

transition with thermal unfolding midpoint of 42◦C from CD and NMR chemical-

shift-dispersion analysis [79].

CD at 222 nm
Trp fluorescence

c
unf

1

0.5

0

0 20 40 60 80
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Figure 4–6: Equilibrium unfolding of Trp-cage. Fraction unfolded in phosphate
buffer, pH 7, as derived from 222 nm circular dichroism data and by Trp fluo-
rescence data (266 nm excitation). Fit to two-state transition (solid curve) gives
∆H ≈ 48.6 kJ/mol and ∆S ≈ 155 J/mol-K for unfolding.

The sigmoidal curve in Figure 4–6 is a signature of an all-or-nothing folding

transition for an ideal two-state system. Protein folding and unfolding is very

different from coil-globule and globule-coil transitions in homopolymers, where

there is gradual decrease or increase of the volume of the molecule. For proteins in

a two-state system, there are two equally stable states, two populations in solution,

the ensemble of unfolded molecules U and the folded molecules N , with virtually

no semi-native or misfolded structures. The two-state transition is analogous to
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first-order phase transitions (e.g., sublimation of a solid, crystal melting) albeit

with a large transition width [1]. Therefore, U and N are separated by an energy

barrier and the favored population is determined by external conditions like

temperature, pressure, pH or denaturant concentration.

4.5 Trp-cage Folding Kinetics

Trp-cage folding kinetics were measured using laser-induced temperature

jump (T -jump) spectroscopy. The laser T -jump method uses a ∼ 7 ns infrared

laser pulse to heat the protein sample in 20 to 30 ns. The 1.89 µm-infrared pulse

is generated from a 1.064 µm Nd:YAG laser pulse (Continuum Surelite, Santa

Clara, CA) that is Raman shifted after passing through a 1-m H2 cell (Light

Age Inc., Somerset, NJ). The sample remains at the elevated temperature for

∼ 102 milliseconds. Tryptophan fluorescence is then monitored at time delay t (30

ns to ∼ 100 µs) after the temperature perturbation. The fluorescence is excited

using a 5-ns 266-nm pulse, from the fourth harmonic of another Nd:YAG pulsed

laser (Continuum Minilite, Santa Clara, CA), the same excitation wavelength

used in the the equilibrium fluorescence measurements. A microscope objective

at 90◦ projects fluorescence emission into a photomultiplier. The kinetic profile is

assembled from ≈ 100 different pump/probe time delays collected in random order.

The laser induced 5 to 20◦C T -jumps stimulate Trp-cage unfolding. The

measured relaxation time τ after the T -jump, τ ∼ 1 to 10 µs, varies with final

sample temperature (but not the initial temperature), and fits very well to a single

exponential function [46, 49]. Other than thermal recovery, we observe no other

relaxations following the microsecond process. This supports the equilibrium result

that Trp-cage, like most small proteins, folds in two-state kinetics. The folding and

unfolding rates, kf and ku, are derived from the measured relaxation rate τ−1,

τ−1(T ) = kf (T ) + ku(T ) (4.7)
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Figure 4–7: Kinetics of Trp-cage folding. The inverted triangles are the observed
relaxation rates (1/τ) measured after the laser-induced temperature jump (in phos-
phate buffer, pH 7). Folding (kf ) and unfolding rates (ku) calculated from τ and
χunf. The solid and dotted lines are the fits to Equation 4.9.

and the unfolded fraction, χunf, from equilibrium measurements

χunf(T ) =
ku(T )

kf (T ) + ku(T )
. (4.8)

At T = 23.5◦C, the observed relaxation time τ ≈ 3.1 µs gives a folding rate

kf = 240, 000 s−1 = (4.1µs)−1 and unfolding rate of ku = 81, 500 s−1 = (12µs)−1.

The temperature dependence of τ , kf and ku are shown in Figure 4–7. The folding

and unfolding rates are fit to an Arrhenius-type single-barrier crossing event,

kf = k0,f exp(−Ha,f/RT )

ku = k0,u exp(−Ha,u/RT ).
(4.9)

From the fit, the activation energy barrier for folding is 27 ± 1 kJ/mol and 76 ± 5

kJ/mol for unfolding.

4.6 Discussion on Trp-cage Folding

Trp-cage is an Ideal Two-state System. Equilibrium and kinetic

measurements show that Trp-cage exhibits an ideal two-state folding reaction.
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If an intermediate state lies between the folded and the unfolded configurations,

we expect it to generate additional fluorescence relaxation after the microsecond

process. This is not observed in the kinetic data. The observed kinetic relaxation

amplitude matches expectations from equilibrium measurements. Although we

cannot rule out an intermediate with a small-amplitude relaxation on the slow

(∼ ms) timescale of thermal recovery, the highly cooperative transition observed

in equilibrium together with the quality of the fit to a two-state model (Eqs. 4.3

to 4.8) make the existence of folding intermediates very unlikely.

Many small proteins (< 100 residues) do fold cooperatively with two-state

kinetics [24]. A thorough understanding of the thermodynamics and kinetics of

these small proteins may yield a ‘minimalistic’ answer on how nature solves the

protein-folding problem [26]. Moreover, an understanding of the folding of large,

complicated proteins would be impossible without thorough understanding of the

folding of the simplest ones. Trp-cage, being a very small protein of 20 residues,

provides this framework. Its small size also makes it very accessible to all-atom

molecular dynamics simulations. Simmerling et al. [82] have already reported

the correct structure prediction and folding simulation prior to the release of the

Neidigh’s NMR coordinates [79].

Trp-cage folds in 4.1 µs at room temperature. Known rates for

proteins that fold with two-state kinetics range from seconds to milliseconds to

microseconds. Trp-cage belongs to the family of ultrafast folders with (kf )
−1

in the µs range. In fact, Trp-cage folding rate exceeds observed rates of other

ultrafast folding proteins at room temperature. The closest are the 35-residue

villin headpeace subdomain, the smallest naturally occurring peptide that folds

spontaneously [50], which folds in 4.3 µs at 27◦C, and the de novo designed

73-residue three-helix bundle protein, which folds in 3.2 µs at a much higher

temperature of 50◦C [52]. The Trp-cage, the villin headpeace subdomain, and the
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α3D three-helix bundle all have predominantly helical structures. Another ultrafast

folder is the BBA5 designed miniprotein, a 23-residue β-hairpin/turn/α-helix

motif, which folds in 7.5 µs at 27◦C [51]. A summary of rates of known fast-folding

proteins is shown in Table 4–1.

Table 4–1: Folding rates of fast folding proteins.

Protein Name No. of Residues k−1
f (µs) T (◦C) Ref.

Trp-cage 20 4.1 23.5 [49]
Villin headpiece subdomain 35 4.3 27 [50]
BBA5 23 7.5 25 [51]
α3D 3-helix bundle 73 3.2 50 [52]
WW domain FBP28 W30A 37 24 25 [83]
Engrailed homodomain 54 26 25 [84]
λ-repressor6−85 A37G 80 44 57 [85]

Of the fast-folding proteins that are listed in Table 4–1, only the WW domain

FBP28 W30A mutant has a predominantly β-sheet secondary structure. This

agrees with the analysis of Kubelka et al. [54] that α-helical proteins fold slightly

faster than β or αβ proteins. This is supported by the Zagrovic and Pande

suggestion [86] that α-helical segments fold fast because α-helices are geometrically

close to the average ideal random-flight chains of the unfolded state.

These ultrafast folders pave the way for verification of folding kinetics sim-

ulation results. The Pande group have used molecular dynamics simulations via

distributed computing to analyze folding kinetics of Trp-cage [87], villin headpiece

subdomain [88] and BBA5 [51]. Snow et al. correctly estimates Trp-cage folding

rate to be in the range 1.5 to 6.9 µs [87].

Trp-cage may set the conditions for ultrafast folding. For folding

to be rapid, the folding energy barrier must be small (Eq. 4.9) and the protein is

expected to follow a smooth energy surface to the folded state. Trp-cage encounters

a very weak energetic barrier for folding. The activation energy for folding is
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Ha = 27 ± 1 kJ/mol but the energy associated with the viscosity of solvent is

∼ 17 kJ/mol. Therefore, Trp-cage has a net barrier of ∼ 10 kJ/mol ≈ 4 kBT .

The folding speed of Trp-cage approaches the rate of diffusional loop forma-

tion, which likely poses a physical limit to folding speed. Previous studies on the

rate of diffusion of free polypeptide chains in solution [13, 14, 15, 17] show that

two endpoints of a 20-residue chain should diffuse into contact on a time scale of

∼ 0.2 µs, or ∼ 20-fold faster than Trp-cage folding. This implies that Trp-cage has

a nearly optimized energy landscape.

In Trp-cage, residual interactions in the unfolded state does not exhibit

random-coil like NMR chemical shift dispersions [79, 89]. This is likely due to

formation of hydrophobic clusters which may reduce the entropic cost of folding.

Simple models of protein folding claim that a high density of local interresidue

interactions provides the necessary entropy loss, and subsequent lowering of the

free energy barrier, as the chain folds [38, 90]. Correspondingly, the presence of the

always rigid poly-proline II helix at the C-terminus decreases the configurational

entropy of the unfolded state.

Molecular dynamics simulation of Trp-cage free energy landscape in explicit

water by Zhou [91] show that landscape is smooth and funnel-like. However, Zhou’s

simulation data gives a melting temperature of 167◦C, significantly higher than the

experimental result, Tm ≈ 41◦C.

Trp-cage folding rate is not predicted by Contact Order correlation.

Relative contact order, CO, is a topological parameter that correlates very well

with the logarithms of in-water folding rates, ln(kf ), of most two-state folding

proteins (Sec. 2.3.3). The parameter CO is small for proteins that are mainly

stabilized by local interactions. Large CO proteins have interactions between

residues far apart in sequence. The strong negative correlation between CO and

ln(kf ) imply that proteins with small CO fold faster. Contrary to that empirical
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observation, Trp-cage folds very fast although it has a large relative contact

order CO = 0.19, more typical of slowly folding proteins with kf ≈ 10 s−1

= (100 ms)−1 [38]. Ignoring many indole contacts in the hydrophobic core reduces

the relative contact order to CO = 0.17. This still predicts a slow folding rate of

kf ≈ 100 s−1 = (10 ms)−1, a 2500-fold difference from the experimental values. A

few other proteins also exceed the predictions of the CO correlation, albeit by a

smaller factor of ∼ 50×.

We expect the empirical correlation to severely underestimate the folding of

Trp-cage because it requires statistical independence of most long-range tertiary

contacts in the folding transition state. This is improbable for a 20-residue protein

with a persistence length of 4-5 residues. Eventually, diffusion becomes the limiting

factor in approaching the correct topology [92]. Diffusion time is longer for longer

chains but not so for short polypeptides. In fact, original estimates of folding times

from polymer collapse theory involves length dependence [22, 93]. The failure of

contact order correlation to predict folding rates of multistate folding proteins

and short polypeptides leads to the resurgence of research on length dependent

topological parameters to explain folding rates. For example, Ivankov et al. have

tried to correct for length dependence using the topological parameter called

size-modified contact order (SMCO): SMCO = CO × LP where L is the total

chain length and the power P is 0 ≤ P ≤ 1, at P = 0, SMCO = CO [40].

Their result shows highest correlation of ln(kf ) (including multistate proteins and

other peptides) with L0.70, in close agreement with an empirical scaling of L0.61 of

Koga and Takada [94] using simplified off-lattice folding simulations. Ultimately,

contact order models or models that relate folding rates to structure must account

for chain-length and flexibility [40, 94, 95, 96, 97]. The topomer-search model

of Makarov and Plaxco [92] and the effective contact order model of Dill and
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coworkers [98] provide detailed, mechanistic descriptions of the relation between

topology, folding mechanisms, and folding rates.

4.7 Conclusions

We have characterized the folding of Trp-cage, a small 20-residue long designed

miniprotein. Equilibrium CD and fluorescence measurements demonstrate a high

degree of cooperativity in the thermal unfolding curve. The equilibrium and kinetic

experiments, taken from T -jump measurements, demonstrate excellent agreement of

Trp-cage folding to a two-state ‘all-or-nothing’ model. Folding is very fast, 4.1 µs at

23.5◦C and the activation energy barrier for folding is a low 27 kJ/mol. Trp-cage is

one of the fastest folding protein-like molecules at room temperature.

Trp-cage sets conditions for fast protein folding: a two-state reaction, a weak

folding activation energy barrier, a nearly optimized free energy landscape, some

pre-organized structures in the unfolded state (among other factors yet to be

determined). Trp-cage also serves as a good benchmark molecule for all-atom

simulations. Furthermore, folding data on Trp-cage contributes to the growth of

research on the correlation of topology of protein structure to folding rates.



CHAPTER 5
INTERNAL FRICTION CONTROLS THE SPEED OF

PROTEIN FOLDING FROM A COMPACT CONFIGURATION

5.1 Introduction

A protein folding reaction involves motions of a macromolecule in solution

undergoing weak non-covalent interactions at small length scales. Constant

molecular collisions and friction from the solvent environment completely dominate

the dynamics of a polypeptide chain as it moves across its free energy surface

and towards the native conformation. Thus, proteins always fold in a strongly

damped environment. Kramers reaction-rate theory takes into account damping

effects due to the medium and is used to describe diffusion-driven barrier-crossing

reactions [30, 31]. Therefore, the high-friction Kramers description is a natural

framework for analyzing protein folding kinetics [32, 99, 100].

The external medium has such a strong effect on protein folding kinetics that

rate of polypeptide chain diffusion through the viscous solvent sets an upper limit

to the speed of protein folding. However, proteins can be considered as a medium

in themselves [28]. In this chapter, we give proof of internal damping effects

(weaker compared to external effects due to solvent) owing to the internal degrees

of freedom within the protein. If the solvent viscosity becomes significantly smaller

or if folding proceeds from a sufficiently compact configuration, other interactions

associated with reorganization of the compact molecule should set a different limit

on folding speed. We use laser spectroscopy to measure this limit by studying

the influence of solvent viscosity on the rapid (∼µs) folding of a protein from a

highly compact, late-stage intermediate configuration. We show that regardless of

the viscogenic agent added to the solvent, the folding rate extrapolates toward a

64
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common finite value ∼ 105 s−1 in the limit of decreasing solvent viscosity. “Internal

friction” within the compact denatured chain sets the time scale for the folding as

solvent friction declines. Furthermore, the time scale for these solvent-independent

dynamics varies strongly with temperature, suggesting that large intra-chain

interaction energies control the dynamics of configurational diffusion within the

compact, near-native states of the protein.

5.2 Background

5.2.1 Kramers Rate Theory and Folding Dynamics

Folding of small, single domain proteins is well-described by a two-state model

with single exponential kinetics, where the native, N , and unfolded, U , states are

separated by an energy barrier. Since a folding reaction involves macromolecules

in solution undergoing many conformational changes with weak intra- and inter-

molecular interactions, theoretical models suggest that diffusive chain motions

limit the speed of protein folding [32, 37, 101]. Kramers theory models reactions

as diffusional barrier-crossing events. The high-friction limit of Kramers theory is

well-suited for treatment of protein folding reactions (Sec. 2.3.1). As applied to

protein folding, Kramers theory asserts that the folding rate, kf , depends on both

the activation free energy, ∆Ga, and the reaction friction, γ,

kf =
A

γ
exp(−∆Ga/kBT ) (5.1)

where A is a constant pre-exponential factor defining the curvature of the potential

energy barrier [29].

If diffusion of the polypeptide chain across the energy barrier is strongly

coupled to interactions with solvent molecules, then the reaction friction γ is

dominated by solvent dynamic viscosity, ηS. If that is so, Kramers theory implies

that the folding rate should accelerate in inverse proportion to ηS (kf ∝ η−1
S ).

Several experiments that have tested this prediction [33, 100, 102, 103, 104, 105,
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106, 107, 108] and found the expected inverse-viscosity behavior in folding rates, if

the native-state stability is held constant1 , while ηS varies [33, 100, 102, 103].

The observation that kf ∝ η−1
S does not mean that the folding rate will

increase without limit as the solvent viscosity decreases. Nor does this imply that

the reaction friction γ → 0 as ηS → 0. Folding rates probe only the rate limiting

process, and if diffusional passage over the primary barrier continues to accelerate

as ηS decreases, late-stage internal motions of the chain and side-chain dynamics

that couple less strongly to solvent forces must begin to control kf at sufficiently

small values of ηS.

5.2.2 Protein Internal Friction

Theory and simulation suggest that interactions within the molecule itself

may begin to dominate the dynamics at low ηS [28, 99, 109, 110, 111]. There are

several mechanisms by which a polymer chain could experience drag forces and

kinetic effects that do not simply scale in proportion to the solvent viscosity [109,

110]. These “internal friction” effects can include potential energy barriers to

backbone rotations, long-range (sequence-distant) inter-residue interactions, and

the accessibility of free volume in a non-continuum solvent. At low ηS, internal

friction can set an upper limit to folding speed, unrelated to the diffusional speed

limits imposed by loop formation, hydrophobic collapse, and other bulk motions

of the chain that is coupled to the solvent [13, 15, 17, 22, 112]. Some authors have

suggested that, for proteins that fold at sufficiently high rates, these effects could

even influence the dynamics at ordinary aqueous solvent viscosities [113].

1 The imposition of the stability condition is necessary because viscogens (solvent
viscosity increasing cosolvents such as glucose, glycerol, ethylene glycol, etc.) alter
the net stability of the native state and the free energy of folding [33].
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Protein internal friction effects may cause folding rates to depart from kf ∝

η−1
S and approach a limiting value at very low ηS. Experimentally, we cannot

probe folding at ηS ¿ ηwater except by extrapolation from high ηS. Extrapolating

experimental data to ηS → 0 does not imply that the system leaves the high-

friction limit of Kramers theory. Constant collisions with solvent molecules and

among molecules in the polypeptide chain dampen the polypeptide motion so

strongly that frictional forces would continue to overwhelm inertial effects in folding

even if ηS fell by orders of magnitude.

Additive internal friction model. Ansari and coworkers [114] used

Kramers theory for describing nanosecond conformational dynamics in a folded

protein, myoglobin. They proposed an empirical, additive friction model to

quantify the strength of an internal friction contribution to chain dynamics:

k =
A

σ + ηS

exp(−∆G/kBT ) (5.2)

where k is the rate of small, global conformational changes within the protein and

σ has units of viscosity. The parameter σ can be interpreted as the contribution of

protein internal friction to the total friction. Their analysis led to a large “internal

viscosity” from the myoglobin molecule: σ = 4.1 ± 1.3 mPa·s, about 4× larger than

the viscosity of water.

More recent authors who have applied Equation 5.2 to protein folding have

found no clear evidence for σ, even in proteins that fold through compact transition

states. In the study of the folding of Protein L, Plaxco and Baker [33] found

σ ≈ −0.1 ± 0.2 mPa·s. In the folding of cold shock protein CspB, Jacob et al. [102]

observed that the folding time k−1
f appears to extrapolate towards zero as ηS → 0,

implying a similarly small σ for CspB.

Time scale for internal-friction-controlled reorganization. The

observation that σ ≈ 0 for protein L and CspB seems to suggest that (at least
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over the viscosity range studied) the speed of conformational search depends

more on diffusive motions of solvent-exposed regions of the chain than on internal

dynamics in portions of the molecule decoupled from the solvent. However, kinetic

experiments probe only the rate-limiting stage of the process. One would not

readily detect even a large internal friction σ associated with a fast stage of folding

if a slower process, with dynamics that are strongly coupled to the solvent, limits

the overall folding rate.

Moreover, different models for the internal friction lead to different expla-

nations of dynamics. Ansari and coworkers [28, 114] used the most common

interpretation of internal friction, which treats reaction friction γ (of Equation 5.1)

as a sum of contributions from solvent and from internal chain motions [109]. Thus,

total reaction friction γ was expressed as γ ∝ γint + γS where γint and γS represent

friction contribution from the molecule itself and from the solvent environment (as

in Equation 5.2). However, Manke and Williams [110] have suggested that rate of

configurational changes should depend on the product of solvent-dependent and

solvent-independent parameters. A multiplicative relationship gives γ ∝ γint · γS.

In the latter case, a folding experiment that suggests k−1
f → 0 at low ηS does not

necessarily prove the absence of internal friction effects.

Therefore, looking for the internal viscosity parameter σ may not be the

best way to quantify internal friction effects. Instead, we must investigate if

internal friction ever limits the observed rate of protein folding. We need to

measure the time scale for internal-friction-controlled reorganizations after slower

solvent-coupled events, like chain collapse, have already occurred. No experiment

has identified this time scale for a compact polypeptide. However, the study of

viscosity-dependence of Chymotrypsin Inhibitor CI2 folding suggests that internal

friction effects may slow the dynamics of a compact chain [108]. As a matter of

fact, k−1
f → 0 as ηS → 0 does not prove the absence of internal friction effects
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as implied in the folding study of Protein L and CspB. Their data have sufficient

time resolution only to show that the limiting value for k−1
f does not exceed a

few milliseconds. Accordingly, nanosecond-resolved experiments have a much

better probability of elucidating internal-friction-controlled time scales. In the next

section, we show that internal friction processes do exist and limit the folding rate

of a sufficiently compact protein fast-folding protein molecule

5.3 Folding from a Compact State of Ferrocytochrome c

We have measured the internal friction effect on a rapid protein folding reac-

tion that begins after the collapse and the rate-limiting large-scale reorganization

of the polypeptide chain. Figure 5–1 shows a cartoon that summarizes the fold-

ing experiment. We use a heme protein, cytochome c, folding of which is easily

triggered photochemically because carbon monoxide (CO) binds preferentially

to the reduced heme iron in the unfolded state. The compact late-stage folding

collapse
by dilution

laser
photolysis

folding

kf

CO

M-CO

U-CO

M

N

Figure 5–1: Study of folding from a collapsed state: U -CO → M -CO → M → N .
Unfolded CO-cytochrome c at high GdnHCl (U -CO) collapses to the metastable
M -CO state upon dilution into buffer. Laser flash photolysis dissociates the CO
molecule from the heme to give the M state, which folds to the native state N at
rate kf .

intermediate of ferrocytochrome c, the M -CO state, is prepared by lowering the
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chemical denaturant2 concentration in the presence of CO. Laser flash photolysis

of the CO-iron bond in this metastable intermediate triggers the folding reaction

to the native state (M → N). Folding rates are measured by nanosecond-resolved

transient absorption spectroscopy. The solvent-viscosity dependence of this rapid

(kf ∼ 105 s−1) reaction indicates that diffusional motions in the interior of the

molecule, which is very weakly coupled to the solvent environment, largely control

the rate of conformational transition between very compact configurations, M and

N .

5.3.1 The M -CO and the M States

Cytochrome c. Horse heart cytochrome c is a small, single domain helical

protein with 104 amino-acid residues [115]. It has a hydrophobic core with a heme

ligand covalently attached to cysteine residues at positions 14 and 17. In the folded

state, the iron atom at the center of the heme group is covalently bound to two

other amino acid residues, histidine at position 18 and methionine at position

80. In reduced ferrocytochrome c, the iron atom has an oxidation state of +2. In

oxidized ferricytochrome c, the iron atom has an oxidation state of +3. Figure 5–2

is the backbone structure of cytochrome c with the heme group in space-filled

model and several amino acids shown as stick models: tryptophan at position 59,

histidine residues at positions 18, 26 and 33, and methionine residues at positions

65 and 80 (Protein Data Bank code: 1AKK). Due to the close proximity of

tryptophan and the heme in the folded state, tryptophan fluorescence is quenched

by Förster energy transfer to the heme.

2 The chemical denaturant used to unfold cytochrome c is Guanidine Hydrochlo-
ride (Sigma Chemical Co., St. Louis, MO), referred to in the text as GdnHCl.



71

Met

Met

Trp

His

His

Figure 5–2: Backbone structure of horse heart cytochrome c. The heme group at
the center of the hydrophobic core is shown as a space-filled model. Several amino
acids are shown as stick models: tryptophan (position 59), histidines (positions 18,
26 and 33) and methionines (position 65 and 80).

Unfolding ferrocytochrome c at high denaturant concentration breaks the

covalent link between the heme iron and its native ligand (the sulfur of methionine-

80), and allows exogenous ligands such as carbon monoxide (CO) to bind to the

heme iron [12, 116]. In the absence of CO, ferrocytochrome c undergoes a highly

cooperative unfolding transition at very high denaturant concentrations indicative

of an unusually stable protein. The unfolding free energy is large, ∼71 kJ/mol,

giving a denaturant transition midpoint at 5.1 M GdnHCl. Addition of CO results

in a dramatic ∼38 kJ/mol decrease in stability. The denaturant concentration

transition midpoint is also lowered to 3.95 M GdnHCl [117]. CO addition also

causes major deviations from a two-state unfolding transition [12, 118].

M -CO is a compact, metastable intermediate state. CO binds

preferentially to the heme in unfolded ferrocytochrome c. We call this the U -CO

state. When the denaturant concentration is diluted out by buffer in the presence

of CO, a highly-populated, compact, metastable, intermediate state forms: the

M -CO state. Detailed equilibrium studies [117] have shown that the M -CO state

has near-native far-UV CD spectrum and weak tryptophan-59 fluorescence due to



72

Förster transfer to the heme, indicative of a compact protein. Absorption spectra

confirm that CO remains bound to the heme in the M -CO state. Furthermore,

recent NMR measurements [118] show that the M -CO state has extensive chemical

shift perturbations similar to native ferrocytochrome c.

M -CO → M. Thus, CD, fluorescence, absorption, and NMR measurements

show that the M -CO is a compact, highly-structured state with native-like helix

content, but nonnative tertiary structure and heme coordination. It is metastable

at room temperature under low denaturant concentrations. The CO thermally

dissociates and escapes from the protein, with a time constant τ ≈ 32 min

at 24◦C (Fig. 5–3) and τ ≈ 2 h at 15◦C. We can also apply an external light

390 400 410 420 430 440
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Figure 5–3: Absorption spectra of ferrocytochrome c: M -CO → M → N states.
The metastable M -CO state is prepared under CO atmosphere with 0.2 M GdnHCl
at 24◦C and placed in a sealed quartz cuvette under a thick layer of mineral oil.
The CO thermally dissociates (τ ≈ 32 min) and M folds quickly to the native state
N , which is strongly favored at low denaturant equilibrium conditions. The absorp-
tion spectra shown are taken with a Shimadzu spectrophotomer: 1, 10, 40, 100 and
170 minutes after sample preparation.

pulse to break the heme-CO bond, allowing the CO to escape. This converts

M -CO into a structurally equivalent penta-coordinate state, M , which then

folds rapidly to the native, N , state. This is in contrast to previous studies

that found no evidence for structural intermediates in the folding process of
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ferrocytochrome c [117, 119]. Recent rapid mixing results of Maki et al. [120] show

clear deviations from two-state folding/unfolding kinetics both at low and high

denaturant concentrations consistent with a 4-state mechanism featuring both early

and late folding intermediates. Their results confirm that a native-like state, M ,

occurs even in the absence of CO.

Sample preparation and delivery. To prepare the M -CO state for kinetic

experiments, lyophilized horse cytochrome c (Sigma Chemical Co., St. Louis, MO)

is dissolved into a solution of 6 M GdnHCl, 0.1 M Tris pH 7.0 and deoxygenated by

a flow of O2-free CO at 1 atm, with trace amounts (≤ 2 mM) of sodium dithionite

added to reduce the heme iron to Fe2+. Diluting this mixture into a CO-saturated

buffer collapses the protein into the M -CO state. The dilution buffer also contains

cosolutes (glycerol, ethylene glycol, or glucose) at concentrations sufficient to

raise the solvent dynamic viscosity, ηS, 5 to 6 fold, and a glucose/oxidase/catalase

mixture to scavenge any remaining O2 [121]. Solutions for folding studies therefore

contained 50 µM cytochrome c, 0.5 M GdnHCl, a viscogenic cosolute, the enzyme

system (≤ 0.32 µM glucose oxidase, ≤ 3.5 µM catalase, and 0.3 % glucose), and

trace sodium dithionite. The kinematic viscosity, ηS/ρ, of each mixture is later

measured with a calibrated Cannon-Fenske viscometer fully immersed in a water

bath, for an accuracy of ±0.1 %.

Immediately after preparation, the protein solution is transferred to a gas

tight Hamilton syringe and kept at ≤ 10◦C prior to delivery to a 0.5-mm quartz

flow cell (NSG Precision Cells, Farmingdale, NY) using a syringe pump through

microbore tubing (flow rate: 8 mL/h). Laser flash photolysis of the CO-iron bond

in the M -CO state triggers the folding to the native state. The folding process is

observed by collecting transient absorption spectra. The flow cell is secured in a

thermally regulated aluminum holder and covered by an insulated PVC box with

N2-flow and windows for entrance and exit of the pump laser and probe beams.
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The temperature is controlled by fluid flow into the aluminum holder from a

circulating bath. The temperatures are stable to ±0.2◦C and are monitored by fine

thermocouples (Omega Engineering, Stamford, CT) attached to both the holder

and the flow cell.

5.3.2 Transient Absorption Spectroscopy

Transient spectrometer. The transient spectrometer [14] uses the second

harmonic of a pulsed Nd:YAG laser (Spectra-Physics, Mountain View, CA), 5-7 ns

pulses, ≤ 8 mJ/pulse, 532-nm, to photodissociate the CO from the heme iron. At a

Photolyzed region
hit by the laser pulse

Xe lamp flashes at
time after laser pulset

Sample cell

Xe flashlamp

BS M

M BS

M

Nd:YAG 532 nm
ICCD

Spectro-
meter

Syringe pump

Sample

A

B

Figure 5–4: Transient absorption spectrometer. (A) Optical lay-out of the spec-
trometer, bird’s eye view. A 532-nm laser flash photodissociates the CO from the
heme. At a time delay t after the laser flash, transmitted light from a Xe flashlamp
is collected from photolyzed and unphotolyzed regions of the sample and delivered
to the spectrometer and ICCD to generate visible absorption difference spectra. M
stands for mirror, BS for beam splitter. (B) The Xe light pulse is split and focused
on two spots, photolyzed and unphotolyzed regions of the sample.

time delay t after the laser flash (∼ 10 ns ≤ t ≤ 1 s), a microsecond Xe flashlamp

(EG&G Optoelectronics, Gaithersburg, MD) is triggered producing a broadband



75

probe light. The probe light is split by a 50-50 beam splitter and focused into

two points in the sample flow cell. One point coincides with the laser flash and

the other falls in an unphotolyzed region of the sample flow cell. To generate

visible difference absorption spectra, imaging optics collect the transmitted light

from both the photolyzed and unphotolyzed regions and direct it through an

imaging spectrometer (Acton Research Corporation, Acton, MA) and onto a

gated intensified CCD camera (Roper Scientific, Trenton, NJ). The nanosecond

gating of the ICCD provides a time resolution of 10 ns or better in spite of the

∼ 1 µs duration of the Xe flash. A 1.5-second interval between laser flashes allow

full replacement of fresh M -CO delivered by the syringe pump to the flow cell.

The spectrometer and the associated electronics are operated through a LabView

(National Instruments, Austin, TX) software interface with a program written by

Erik Sjolander [14]. The optical lay-out of the transient spectrometer is shown in

Figure 5–4.

Kinetic modelling of spectra. An average of 10 time-resolved optical

absorption difference spectra, ∆OD(λ, t) = A(λ, t) − A(λ, 0−), is collected per

time delay t by the WinSpec software (Princeton Instruments, Roper Scientific,

Trenton, NJ). A(λ, t) is the optical absorbance at wavelength λ (wavelength range:

390 to 450 nm) and time delay t from the photolyzed region, and A(λ, 0−) is

the optical absorbance at the same wavelength from the unphotolyzed region.

MATLAB is used to process and sort the difference spectra with respect to ∼ 50

to 70 logarithmically spaced time delays between 10 ns to > 1 s taken in random

order following photolysis. Representative spectra are shown in Figure 5–5.

We use singular value decomposition (SVD), a poweful matrix technique, to

filter out experimental noise and identify the independently evolving transient

species from the difference spectra. We have a detailed discussion of SVD and the

kinetic modelling of difference spectra in Appendix B (Sec. B.2). Using SVD, we
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Figure 5–5: Time-resolved optical absorption difference spectra following pho-
todissociation of CO with a 532-nm Nd:YAG laser flash. Sample shown is 50 µM
ferrocytochrome c in 1.2 M GdnHCl, T = 20◦C.

reformulate each data set, ∆OD, as a product of three matrices,

∆OD(λ, t) = U(λ) · S · V (t)T . (5.3)

The columns of U(λ) represents the minimal set of orthonormal basis spectra,

the columns of V (t) are the corresponding amplitudes as a function of time, and

the diagonal elements of S are a measure of the contribution of the corresponding

basis spectra to the observed spectra. At low denaturant concentrations (≤ 2.4 M

GdnHCl), SVD analysis shows two dominant SVD components, each describing

the same two relaxations. This allows identification of 3 states: the unphotolyzed

M -CO state, the photoproduct M state and the native state N which is strongly

favored at equilibrium. Relaxation rates were obtained by simultaneously fitting

the first two SVD components, SiVi(t) (i = 1, 2) to a sum of 2 exponentials:

SiVi(t) = Ci1 exp(−k1 · t) + Ci2 exp(−k2 · t). (5.4)
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The first relaxation rate, k1 = kf , represents spectral changes corresponding to the

folding transition M → N , since equilibrium strongly favors the folded N state over

the compact denatured states M and M -CO at low denaturant concentrations. The

second relaxation rate, k2, is due to sample flow, the replacement of N by M -CO,

as a syringe pump supplies fresh sample to the optical flow cell. Figure 5–6 shows

representative amplitudes SV1(t) and SV2(t) of spectral changes obtained by SVD

of transient spectra following photolysis, and biexponential fit.
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Figure 5–6: Amplitudes SV(t) of spectral changes obtained by SVD of transient
spectra following photolysis. Solid lines are the simultaneous biexponential fit to
SV1(t) and SV2(t) (Eq. 5.4). Sample shown is 50 µM ferrocytochrome c in 1.2 M
GdnHCl, T = 20◦C. The first relaxation rate (kf ≈ 12 µs) corresponds to folding,
M → N .

5.3.3 M → N : Stability and Folding

The relaxation rate observed after photolysis of CO corresponds to the rate of

folding (kf ) with minimal contributions from unfolding.

M
kf

→ N. (5.5)

After the laser flash photolysis of the CO from the heme, two things happen. M

either folds to the native state N , with folding rate kf . CO rebinding to the M

state to reform M -CO is also observed. The latter process is complete in ∼ 50 ns.

Unfolding of N to metastable state M is not observed, it is highly unfavorable at

low denaturant concentrations (≤ 2.4 M GdnHCl).
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Folding of M → N requires both configurational diffusion of the compact,

denatured protein, and a chemical reaction between the heme and its native ligand,

the sulfur atom of methionine at position 80. That chemical reaction occurs with

a geminate rate kg ≈ 4 × 1010 s−1 at 22◦C (and kg ≈ 1011 s−1 at 40◦C [122]), far

exceeding the observed folding rates. Therefore, chemical bond formation does not

limit the measured folding rate, kf . Instead, kf characterizes the chain motions

associated with a late-stage folding transition that brings methionine-80 into

contact with the penta-coordinate heme, leading to folding to N .

Stability effect in M → N folding. Previous studies of viscosity effects

on folding have taken into account the fact that adding viscogenic cosolutes to

the folding buffer usually alters the stability of the native state, shifting ∆Ga

and generating an extra perturbation to kf [33, 100, 102, 103, 104, 105, 106, 107,

108, 123]. Plaxco et al. [33] have compensated for these ∆Ga shifts in Protein L

by adding denaturant simultaneously with the viscogens. Jacob et al. [102] have

chosen experimental conditions where the cosolute does not affect ∆Ga of CspB.
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Figure 5–7: Folding time, k−1
f , is constant up to ∼2.5 M GdnHCl, T = 20◦C.

Therefore, the activation energy of folding, ∆Ga, is unaffected by GdnHCl and
other cosolutes below 2.5 M GdnHCl
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Figure 5–7 shows that for ferrocytochrome c, the M → N folding time k−1
f

remains ∼ 12 µs up to ∼ 2.5 M GdnHCl. The very weak effect of denaturant on

kf (∂ ln kf/∂[GdnHCl] ≈ (0.02 ± 0.05) M−1) indicates that cosolutes, including

the strong chemical denaturant GdnHCl, do not shift the activation free energy of

folding, ∆Ga. Even as the free energy of folding ∆G = GM − GN decreases from

∼17 kJ/mol to 0 [118], the barrier-height ∆Ga remains unaffected. Therefore the

data do not require compensation for viscogen effects on ∆Ga.

Another important implication of this very weak effect of denaturant con-

centrations on folding rates is the uniformity of solvent-exposed surface area as

the protein passes from the M state to the folding transition state. At higher

denaturant concentrations (> 2.5 M GdnHCl), the molecule opens up and more

complicated dynamics occur. An early look at Figure 5–8 (inset) shows that the

slight increase in the solvent viscosity (1.09 to 1.17 mPa·s) due to increase in de-

naturant concentration from 0.5 to 2.4 M GdnHCl, may even account for the small

variation of kf .

Viscosity Dependence of Folding Time. Three different viscogens

(glycerol, glucose, ethylene glycol) have a similar slowing effect on the folding time,

causing the same linear increase in k−1
f with solvent viscosity (Fig. 5–8). Although

consistent with the expectation of a linear dependence, k−1
f ∼ ηS, the data clearly

indicate a finite limiting value k−1
f (0) ≈ 8.10 ± 0.63 µs at 20.0 ± 0.2 ◦C as ηS → 0.

The limiting folding rate kf (0) only moderately exceeds (by 50%) the rate in water

(ηwater = 1.002 mPa·s at 20◦C). Although water molecules present in the interior of

the globule may influence k−1
f (0), the folding dynamics couple only weakly to the

bulk viscosity of the environment.

Temperature and Viscosity Effects on the Folding Time. Tempera-

ture has a profound effect on the viscosity-dependence of the rate as demonstrated

in Figure 5–9. The indicated folding rates and dynamic viscosities are measured
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Figure 5–8: Viscosity dependence of M → N folding time at 20◦C. Data for dif-
ferent viscogens all follow the same linear dependence. The cosolvents are: glyc-
erol (filled circles), ethylene glycol (triangles) and glucose (squares) all in 0.5 M
GdnHCl, and 0.5–2.4 M GdnHCl (open circles) with no extra viscogen. The dot-
ted line is a linear fit to all data points. Inset magnifies the low viscosity region,
showing data at variable GdnHCl concentration.

experimentally at the indicated temperatures: 17, 20, 25, and 30◦C. Note how a

change in temperature has a more substantial effect on the intercept at k−1
f (0) than

on the slope. The nature of the dotted-line fits in Figure 5–9 is explained in detail

in the Discussion section.

5.4 Discussion on Folding from a Compact State

We have observed folding from the compact near-native state M of horse

heart protein ferrocytochrome c. Figures 5–8 and 5–9 show that the folding times

accelerate in proportion to solvent viscosity, k−1
f ∝ ηS, with a finite limiting value

k−1
f (0) as ηS → 0. We analyze the data using a Kramers theory description of a

folding reaction and propose a model to quantify the internal friction contribution

to fast folding dynamics.
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Figure 5–9: Temperature and viscosity effects on the folding time, k−1
f . Indicated

viscosities refer to the dynamic viscosity of the sample solvent, directly measured at
the indicated temperatures. Temperature changes have a more substantial effect on
the intercept at k−1

f (0) than on the slope. Dotted lines correspond to a simultane-
ous 4-parameter fit using Equation 5.8, formulated in the Discussion section.

Kramers theory and internal friction effects. A Kramers theory

description of a protein folding reaction asserts that the folding rate varies inversely

with the reaction friction γ (k−1
f ∝ γ). Because the protein molecules move in

viscous solvent, we expect the folding rate also to vary inversely with the solvent

friction (solvent dynamic viscosity, ηS). Our results show that k−1
f is proportional

to ηS regardless of the viscogenic cosolvent used with a finite non-zero intercept

(Fig. 5–8 and 5–9). The finite intercept is evidence for a finite folding speed at low

viscosity as shown in Figures 5–8 and 5–9. It supports the initial assumption that

internal friction processes do exist and that they limit the speed of protein folding,

at least for sufficiently compact (and fast folding) molecules.
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In Section 5.2.2, we introduced an empirical model (Eq. 5.2) of additive

internal friction proposed by Ansari and coworkers [114]. They parameterized

internal friction effects using an internal viscosity σ, which was large for myoglobin

(σ = 4.1 ± 1.3 mPa·s) but small (σ ≈ 0) for Protein L [33] and CspB [102]. For

the M → N folding of ferrocytochome c, however, the data of Figure 5–8 clearly

indicate a substantial value σ ≈ 2.1 ± 0.3 mPa·s at 20◦C.

This does not imply that friction varies dramatically from one protein to

another, because folding kinetics probe only the rate-limiting stage of the process.

The y-intercept of Figure 5–8 (the folding time in the limit of vanishing solvent

friction) presents a less ambiguous gauge of friction than does σ. For example,

although the data of refs. [33] and [102] imply that σ = 0 in the folding of protein

L and CspB, they certainly do not suggest that k−1
f → 0 as ηS → 0. Their data

have sufficient time resolution only to show that the limiting value for k−1
f does not

exceed a few milliseconds. They certainly do not rule out a value kf ∼ 105 s−1 as

seen in Figures 5–8 and 5–9.

New model for interpreting folding time. Having established the

importance of the limiting time scale in the folding data, we propose a new model

to interpret the folding time as sum of two separate relaxation times:

k−1
f = τS + τint (5.6)

where τS stands for the time-scale for solvent-coupled reorganizations and τint

is for internal-friction-controlled (solvent-independent) time scales. We add the

relaxation times rather than the rates because the folding rate kf remains finite as

ηS → 0, while the rate 1/τS would diverge in this limit. In our model, τS takes into

account the linear dependence of k−1
f on ηS and describes dynamics which has a

Kramers-like response to solvent viscosity:

τS ∝ ηS exp(∆GS/kBT ). (5.7)
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The second relaxation time, τint, accounts for the fundamental time scale for

polypeptide motions that do not couple to the solvent viscosity ηS. It characterizes

internal friction effects and sets the finite limiting value of kf .

What does an additive relaxation time model tell us about protein folding?

It separates the time scale due to solvent-dependent reorganization of the solvent-

exposed regions of the molecule from the time scale due to internal friction effects:

the reconfigurations within the compact interior with minimal interactions from the

surrounding solvent. Depending on the magnitude of ηS, either set of motions may

control the overall time for folding.

Mathematically, Equations 5.6 and 5.7 are equivalent to the protein friction

model of Ansari et al. (Eq. 5.2) — they both describe k−1
f as a linear function of

ηS with a finite intercept. However, they differ significantly in interpretation. In

Equation 5.2, the emphasis is on viscosity σ. Our model, based on Equations 5.6

and 5.7, identifies the internal friction-controlled time scale. From the example

of myoglobin, Protein L, CspB and our own data from cytochrome c, σ varies

inconsistently from −0.1 ± 0.2 mPa·s to 4.1 ± 1.3 mPa·s. However, none of these

results are inconsistent with values of τint ∼ ns – µs.

A close examination of Figure 5–9 (Temperature and viscosity effects on k−1
f )

separates the two time scales: τS is the time scale controlling the slopes of the

viscosity-dependent rates measured at different sample temperatures while τint

corresponds to the time scale defined by the intercept, k−1
f (ηS → 0). Note the slight

decrease in the slope as the temperature rises from 17◦ to 30◦. At the same time,

the intercept also decreases 3-fold in this temperature range. We analyze these

relationships quantitatively by assuming an explicitly Arrhenius T -dependence for
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τS and τint and fitting the data of Figure 5–9 to:

k−1
f = τS + τint

τS(T, ηS) = A ηS exp(∆H/kBT )

τint(T ) = B exp(∆E/kBT ).

(5.8)

The dotted lines in Figure 5–9 show results of the simultaneous 4-parameter-fit

to all data points. The fit parameters give ∆H = 19 ± 7 kJ/mol and ∆E =

67 ± 16 kJ/mol, with A ≈ 1.88 ns/(mPa·s) and B ≈ 8.31 × 10−18 s. Using these

values and Equation 5.8 to calculate the relevant time scales in water (ηS = 1.002)

at 20◦C, we find that τint ≈ 6.2 µs already exceeds τS ≈ 5 µs. Therefore, even in

water-solvent, reconfigurations internal to the protein molecule already dominate

the folding time.

From the fit to Equation 5.8, ∆E ≈ 67 kJ/mol while ∆H ≈ 19 kJ/mol.

Since ∆E is associated with τint, we can assert that a substantial activation

enthalpy controls the internal reorganization in the compact state, even if compact

configurations of the molecule may already lie near the bottom of the energy

surface. By contrast, τS varies only weakly in temperature, indicating that that

the solvent-dependent barrier to folding is primarily entropic. This is very different

from reorganizations in a fully unfolded configuration where diffusional motions of

the polypeptide scale directly with solvent viscosity and show little evidence that

intra-chain interaction energies affect the dynamics [14].

Roughness of the energy landscape. In folding from a compact state,

solvent-independent internal reconfigurations control the folding time. The char-

acteristic time for internal interactions, τint, depends sensitively on the energetic

costs of conformational diffusion among the compact configurations. This resem-

bles an energy-landscape description of folding as diffusion on a rough energy

surface [53, 36], where the conformational search time scales inversely with the

effective diffusion coefficient D∗. In the rough landscape model, D∗ depends in a
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non-Arrhenius manner on the energy scale ε of the roughness [124],

D∗ = D exp[−(ε/kBT )2]. (5.9)

If D∗ controls the reorganization and folding times, τint, we can fit the data of

Figure 5–9 using the non-Arrhenius temperature dependence for τint,

τint = C exp[(ε/kBT )2]. (5.10)

From the fit to the data, we obtain the ”roughness” ε, which gives ε = 9.8 ±

1.0 kJ/mol and C ≈ 6.2 ps. The fit using Equation 5.10 is virtually indistinguish-

able from the dotted-lines shown in Figure 5–9.

5.5 Conclusions

The rate of diffusional motion of an unfolded polypeptide chain through its

solvent places one physical limit on the speed of protein folding. Reducing the

solvent viscosity can therefore accelerate folding, but only until other phenomena

(less strongly coupled to the solvent) begin to control the folding rate. We have

shown that, for a 104 residue protein, diffusional reorganization of a compact,

late-stage folding intermediate imposes a solvent viscosity-independent, although

strongly temperature-dependent, upper limit of about 105 s−1 to the folding speed.

This observed reorganization rate and its temperature dependence provide a

window into fundamental time and energy scales associated with the protein’s

conformational search through the lower valleys of its free energy surface.

Kramers theory, as applied to protein folding, provides a satisfactory descrip-

tion for the solvent viscosity dependence of many slower folding events coupled to

the solvent. However, the fastest folding dynamics in a compact system appear

to decouple from the solvent at low viscosities. This gives rise to a folding speed

limit of a few microseconds due to internal reorganizations within the compact
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molecule. This is far slower than the relaxation time of about 100 ns, for an ideal

non-interacting polypeptide of similar length [22].

The fast rate of these dynamics tends to explain why previous studies of

protein folding at millisecond time resolution failed to detect clear evidence for

any viscosity-independent, or “internal friction” controlled, dynamics. Since

most bulk diffusional motions, including contact formation and chain collapse,

occur on time scales of at least tens or hundreds of microseconds or longer, the

present data suggest that internal friction effects will limit the folding of only the

fastest folding proteins. Shorter peptides appear to meet little internal friction

in forming elemental structures [107, 111], but simulations [113] suggest that

longer chains folding under particularly favorable conditions may well encounter

internal frictional effects in their dynamics. Recent experimental studies of λ6−85

folding appear to confirm that even an 80-residue protein can fold on time scales

approaching the fastest molecular reorganizations of the chain [85]. For such

proteins, refolding in solvents of varying viscosity could cause a shift in the relative

importance of different folding pathways, if some pathways couple more strongly

to the solvent than do others. Our results also support the possibility that internal

friction could affect the dynamics of unfolded proteins artificially confined to

sufficiently small volumes, such as by solvent crowding [108] or within molecular

chaperones.

5.6 Future Direction

We would like to extend internal friction studies to other proteins and

polypeptide systems. This entails observation of fast dynamics in the nanosec-

onds to microseconds regime in systems without the heme-CO type of interaction

seen in the folding of cytochrome c. We would like to take advantage of the triplet

state of the naturally occurring amino acid tryptophan [17] to do time-resolved

optical absorption experiments on other natural or synthetic tryptophan-containing
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proteins or peptides. At present, we have configured the transient absorption

spectrometer with a nanosecond-pulsed dye laser system emitting at 280 nm

to excite the tryptophan triplet state (See Appendix C for more information).

Contact of the excited tryptophan with a triplet acceptor molecule quenches the

tryptophan triplet state and facilitates absorbance change. We would like to use

this system to study how protein internal friction affects initial tertiary contact

formation. The target systems include synthetic polypeptides with triplet donor

and acceptor molecule in varying positions within the polypeptide chain and the

tryptophan-mutant of the protein parvalbumin.



CHAPTER 6
GENERAL CONCLUSIONS

We are at an era where we are beginning to understand the physical aspects

of protein folding and protein dynamics. The energy landscape theory of protein

folding seems to answer the question of what makes protein folding reactions so

rapid compared to random search. The high-friction limit of Kramers theory for

diffusion driven reactions best describes protein folding kinetics. However, key

biophysical questions regarding the physical limits of folding at fast time scales

remain. In this study, we have contributed to that understanding by developing

and improving techniques to look at fast dynamics and by studying the fastest-

folding protein systems: tryptophan cage and the compact late-stage intermediate

of ferrocytochrome c.

We presented several ways to study fast dynamics in protein folding. We

have developed and characterized a submillisecond laminar-flow mixing device

that allows UV-excitation and observation of kinetic fluorescence changes in

proteins with picomolar sample consumption. Together with equilibrium CD and

fluorescence measurements, we have used temperature-jump data to characterize

the two-state folding of the designed miniprotein tryptophan cage. We have

applied laser flash photolysis to the heme-CO bond and used transient absorption

spectroscopy to look at the fast M → N folding transitions in ferrocytochrome c.

We are currently developing a triplet-triplet energy transfer experiment to do

nanosecond-resolved optical absorption experiments on tryptophan containing

proteins and peptides.

Our laminar-flow coaxial mixer contributed to the continuing improvement

of ultrafast mixing devices. The use low-Reynolds-number flow is an important
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direction for mixing technologies, because it provides submillisecond dead times

with microliter to nanoliter sample consumption. We measured fast fluorescence

decays with ∼ 400 µs dead time, while consuming only 0.2 to 6 nL/s of sample in

the inner capillary and 1.4 µL/s in the outer capillary.

The miniprotein tryptophan cage folds in 4 µs. The equilibrium and kinetic

measurements show excellent agreement with a two-state all-or-nothing folding

reaction. Trp-cage sets the conditions for fast folding: a two-state reaction, a weak

folding activation energy barrier, a nearly optimized free energy landscape, and

pre-organized structures in the unfolded state. Due to its small size and fast folding

rate, Trp-cage serves a good benchmark molecule for all-atom simulations. As an

outlier in the contact-order correlation plot, Trp-cage also contributes to the growth

of research on the correlation of topology to folding rates.

In ferrocytochrome c, the folding time from a compact configuration M → N

is 12 µs in water. Analysis of the solvent viscosity-dependence of the folding time

using a model based on Kramers rate theory allowed us to identify two limiting

time scales in protein folding: the time scale for solvent-coupled reorganizations

and the time scale controlled by the internal friction within the protein molecule.



APPENDIX A
AMINO ACIDS

We list the 20 amino acids in order of hydrobicity, from the most to the least

hydrophobic. We follow the scale of Engelman, Steitz and Goldman [125]. We also

list the 3-letter and 1-letter abbreviations that is used to identify the amino acids,

and some general amino-acid properties.

Table A–1: List of 20 amino acids, in order of hydrophobicity, and their properties

Amino acids Abbreviation Properties
Phenylalanine Phe, F Very hydrophobic, aromatic
Methionine Met, M Very hydrophobic, with –S–
Isoleucine lle, I Very hydrophobic
Leucine Leu, L Very hydrophobic
Valine Val, V Very hydrophobic
Cysteine Cys, C Very hydrophobic, with –SH
Tryptophan Trp, W Very hydrophobic, aromatic, fluorescent
Alanine Ala, A Hydrophobic
Threonine Thr, T Hydrophobic, with –OH
Glycine Gly, G Hydrophobic
Serine Ser, S Hydrophobic, with –OH
Proline Pro, P Hydrophobic, cyclic
Tyrosine Tyr, Y Hydrophobic, aromatic, with –OH
Histidine His, H Basic, hydrophobic
Glutamine Gln, Q Acidic
Asparagine Asn, N Acidic
Glutamic acid Glu, E Acidic
Lysine Lys, K Basic
Aspartic acid Asp, D Acidic
Arginine Arg, R Basic
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APPENDIX B
NUMERICAL METHODS

B.1 Kinetic Modelling of Laminar-Flow Coaxial Mixing

B.1.1 Solution of the Radial Differential Equation

In Chapter 2, we described the laminar-flow fluid mixer for fast fluorescence

kinetic studies. A fluorescent sample flows out of the inner capillary and is released

in the center of diluting buffer passing through the larger outer capillary. Mixing

is driven by diffusion of the outer capillary solutes surrounding the thin stream of

fluorescent. The simple cylindrical coaxial jet geometry allows numerical modelling

of the mixer behavior with a radial diffusion equation:

∂C(r, t)

∂t
=

D

r

(

∂C

∂r
+ r

∂2C

∂r2

)

(B.1)

C(r, t) is the concentration of the outer capillary solute (e.g., the diluting buffer)

at radius r (distance from the mixer axis) and time t. D is the solute diffusion

constant. We consider a mixing experiment with initial conditions,

C(r, 0) =
0 if r ≤ a

C0 if r > a,
(B.2)

where C0 is the initial concentration of the outer capillary buffer and a is the radius

of the inner capillary stream.

The numerical solution to Equation B.1 is calculated using MATLAB. The

general solution for the concentration of solutes is determined by constructing a

Nr × Nt concentration matrix C where Nr is the number of radial position grids

and Nt is the number of time grids. Each element Ci,j is a discrete concentration at

radial position ri and time tj. The grid spacing in position is a constant given by
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annular element δr = a/N where N is an integer and rNr
≥ 8a. The minimum and

maximum time points are given by t1 = 0.003a2/D and tNt
= 6a2/D, respectively.

The radius of the inner stream a and the diffusion constant D are user-defined

parameters. The time element δt = t1.

The finite-difference representation of Equation B.1 is given by

dCi

dt
=

D

ri

(

Ci+1 − Ci

δr
+ ri

Ci+1 − 2Ci + Ci−1

(δr)2

)

. (B.3)

Symbolically,

dC

dτ
= K · C (B.4)

where K is an Nr × Nr tridiagonal matrix of rate constants, dτ is the dimensionless

time element given by dτ = dt(D/δr2). The dimensionless rate matrix K has the

following elements,

for i = 2 to Nr − 1













Ki,i−1 = ri/ri

Ki,i = −(2ri + δr)/ri

Ki,i+1 = (ri + δr)/ri













(B.5)

for i = 1 to 2 and Nr − 1 to Nr



















K1,1 = −(r1 + δr)/r1

K1,2 = (r1 + δr)/r1

KNr,Nr−1 = rNr
/rNr

KNr,Nr
= −rNr

/rNr



















where ri is the position at i, δr is the grid spacing and Nr is the number of position

grids. The eigenvalues, λ, and eigenvectors, V , of the rate matrix K is determined.

Since K is dimensionless, we need to multiply λ by the fundamental timescale

D/δr2, to generate the true eigenvalues. From Equation B.4, we expect the general

solution of C to be

C ∼ Cinit exp

(

D/δr2

∫

λdt

)

(B.6)
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where Cinit specifies the initial condition. We construct the Nr × Nt matrix T given

by

Tl,m = exp(D/δr2 λl · tm) (B.7)

where tm is the time point at m. We impose the initial value condition by find-

ing the matrix of amplitudes A (Cinit = V · A). The general solution for the

concentration of solutes, C, is given by

Ci,j =
Nr
∑

n=1

V T
i,n Tn,j An. (B.8)

The concentration of solutes as a function of space and time is shown in Fig-

ure 3–3.

B.1.2 Calculation of Reaction Rates

In order to characterize the performance of the coaxial mixer, the fluorescence

of NATA flowing out of the inner capillary is quenched by NBS. We can extend the

numerical model for cylindrical diffusion shown above for generation of the sample

stream of NATA, with the simultaneous inward diffusion and reaction of NBS, to

predict the apparent rate of fluorescence quenching, kapp. The concentration of

NATA as function of position and time is given by

[NATA](r, t) = [NATA]0 exp

(

− kbi

∫ t

0

C(r, t′) dt

)

(B.9)

where C(r, t) = [NBS](r, t). The NATA concentration matrix is represented by the

Nr × Nt matrix W with elements

Wi,j = W0 exp

(

− kbi δt

i
∑

l=1

Cl,j

)

. (B.10)

This is the matrix analog of Equation B.9. W0 imposes initial NATA concentration

(0 at t = 0 for r > a). The relative fluorescence intensity F is a row matrix of

length Nt given by elements

Fi =
rT
n Wn,i

rT
m Wm,1

. (B.11)
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Single-exponential fits to F for different values of estimated radii a generate the

apparent rate, kapp, for different values of a. These predicted rates are shown as the

solid line in Fig. 3–7A; and approach the actual rate k = kbi·[NBS], at low a.

B.2 Kinetic Modelling using Singular Value Decomposition

In Chapter 5, we use a transient absorption spectrometer to monitor folding

from a compact state of ferrocytochrome c after laser flash photolysis. We collect

time-resolved optical absorption difference spectra, ∆OD, and use singular value

decomposition (SVD) to analyze the data. SVD is a matrix technique that allows

noise-filtering and assessment of the minimum number of independently evolving

spectral profiles needed to describe physically significant spectral changes [126,

127].

For a typical time-resolved optical absorption experiment, ∆OD is a Nλ × Nt

matrix of optical absorption difference spectra (Nλ = 97 and Nt = 48 or 67). Nλ

is the number of wavelength points. The wavelength range used in the experiment

is from ∼ 390 to ∼ 450 nm with spectral resolution of 0.124 nm. Nt is the number

of logarithmically-spaced time delays from ∼ 10 ns to > 1 s. At time t, each

difference spectrum is given by A(λ, t) − A(λ, 0−), the difference in optical density

between the photoproduct and the unphotolyzed sample measured as function of

wavelength. Therefore, each column in ∆OD is a difference spectrum at time delay

t. ∆OD columns vary only in wavelength and each row corresponds to a single

wavelength.

For simplicity, we denote ∆OD as D. We use the SVD algorithm in MATLAB

to factor D into a product of 3 matrices.

D = U · S · V T . (B.12)

U and V are the matrix of eigenvectors for DDT and DT D, respectively. The

singular values of D are the square roots of the shared eigenvalues E of DDT and
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DT D, which are the diagonal elements of S. The mathematical relationships are:

DDT = U · E · UT ,

DT D = V · E · V T , and

S = E1/2.

(B.13)

For an intuitive understanding of SVD, note that Nλ × Nλ matrix DDT

contains overlap of kinetic vectors for all pairs of wavelengths. Likewise Nt ×

Nt matrix DT D contains time-pairwise overlap of spectral vectors. Hence, the

columns of U contains the minimal set of orthonormal basis for the row space of

D. Likewise, the columns of V contains the orthonormal basis for the column space

of D. Thus, SVD identifies the mathematically independent bases of the data,

spectrally in U(λ) and temporally in V (t) [127].

We select usable components of U(λ) and V (t) from the magnitudes of the

singular values of D (the diagonal elements of S). In the absence of measurement

noise, the number of non-zero singular values is the number r of linearly indepen-

dent component spectra to describe the data set D. In real experimental data,

all singular values are non-zero. Hence, identification of relevant singular values

depends on instrument signal-to-noise ratio.

In the SVD of ∆OD, the time-resolved absorption spectra after photolysis

of the M -CO state of ferrocytochrome c, we identify only two dominant singular

values at low denaturant concentrations (≤ 2.4 M GdnHCl). Thus, we only have

two relevant SVD components (r = 2): column vectors U1 and V1 associated with

singular value S11, and column vectors U2 and V2 associated with singular value

S22. We are able to reduce the ∆OD matrix from Nλ ×Nt to Nλ × r. Hence, we can

express the difference spectra as a truncated matrix,

∆ODr(λ, t) = U1 · V
T
1 + (S22/S11) U2 · V

T
2 . (B.14)
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The components with Un>r, Vn>r, and Snn (n > r) are discarded as instrument

noise.

We can then construct the noise-filtered absorption spectra at any delay time

t,

Ar(λ, t) = ∆ODr(λ, t) + A(λ, 0−). (B.15)

We can also identify the absorption spectra of the photolyzed transient species,
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Figure B–1: Transient absorption spectra, Aphoto(λ, t), of ferrocytochrome c. The
M state forms immediately after photolysis of the CO from the heme and folds into
the N state with k−1

f ≈ 12 µs. The syringe pump then delivers fresh M -CO to the
sample flow cell. Time course range from ∼10 ns after the laser flash, where the
dominant species is the M -state, to > 1 s after the laser flash, where the dominant
species in the M -CO state. Sample shown is 50 µM ferrocytochrome c in 1.2 M
GdnHCl, T = 20◦C. The assumed photolysis yield f is 18.6% (Eq.B.16).

Aphoto, by assuming a photolysis fractional yield, f . (CO rebinding to the M -state

occurs ∼50 ns after photolysis and accounts for the low yield (f < 20%) of the

photoproduct M .)

Ar(λ, t) = f · Aphoto(λ, t) + (1 − f) · A(λ, 0−). (B.16)
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Figure B–1 shows the constructed transient absorption spectra, Aphoto. We identify

the photoproduct M state, the folded N state, and the unphotolyzed M -CO state

as it is delivered by the syringe pump for the next laser flash.

Relaxation rates for the folding transition M → N and the for replacement of

N by M -CO (due to sample flow) were obtained by simultaneously fitting the first

two time components, weighted by the singular values, to a sum of 2 exponentials:

S11V1(t) = C11 exp(−k1 · t) + C12 exp(−k2 · t)

S22V2(t) = C21 exp(−k1 · t) + C22 exp(−k2 · t).
(B.17)

The first relaxation rate, k1 = kf , represents spectral changes corresponding to the

folding transition M → N , since equilibrium strongly favors the folded N state over

the compact denatured states M and M -CO at low denaturant concentrations. The

second relaxation rate, k2, is due to sample flow, the replacement of N by M -CO,

as a syringe pump supplies fresh sample to the optical flow cell. Figure 5–6 in

Chapter 5 shows representative amplitudes SV1(t) and SV2(t) of spectral changes

obtained by SVD of transient spectra following photolysis, and biexponential fit.



APPENDIX C
FUTURE DIRECTION OF INTERNAL FRICTION STUDIES:

POLYPEPTIDE RECONFIGURATIONS VIA ENERGY TRANSFER

C.1 Introduction

For extension of internal friction studies to other proteins and polypeptide

systems, we need to observe fast dynamics in the nanoseconds to microseconds

regime in systems without the heme-CO scheme. To do this, we would like to use

triplet-triplet energy transfer (TTET) to study how protein internal friction affects

initial tertiary contact formation. We would like to take advantage of the triplet

state of the naturally occurring amino acid tryptophan [17] to do time-resolved

optical absorption experiments on other natural or synthetic tryptophan-containing

proteins or peptides.

C.2 Triplet-Triplet Energy Transfer

There are three states that play a dominant role in the photophysics of most

organic molecules in solution: the ground state (the lowest singlet state), the lowest

excited state (the first excited triplet state), and the first excited singlet state [128].

The excited triplet state is lower in energy than the excited singlet state, but

electronic transitions from the ground state to the triplet state are forbidden.

However, organic molecules in the ground state that are excited optically to the

first excited singlet state can decay to the the triplet state (the lowest excited

state). Alternatively, they can undergo electronic transitions back to the ground

state either by fluorescence or by radiationless processes.

The triplet state lifetime can be order of magnitudes longer that the excited

singlet state. Therefore, once in the triplet state, molecules can stay excited

until the triplet state energy is transferred to triplet acceptor molecules, or until
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physically quenched by paramagnetic molecules (e.g., O2, NO, inner transitional

metal ions) [129]. Thus, we can use triplet-triplet energy transfer (TTET) to

measure rates of contact formation between triplet donor and triplet acceptor

molecules inserted within the polypeptide chain. Contact of the donor molecule,

which has been optically excited to its triplet state, with the acceptor molecule

leads to energy transfer that excites the acceptor molecule to its own triplet

state and facilitates absorbance change. Energy transfer happens via the Dexter

mechanism, an electron-exchange mechanism, which requires van der Waals contact

between donor and acceptor molecules [15]. The absorbance changes which occur

on donor-acceptor contact can be time-resolved using a modified version of the

transient absorption spectrometer used in Chapter 5.

One of the requirements for a good triplet-triplet energy-transfer pair is a

higher donor triplet state energy compared to acceptor triplet state energy [129].

For end-to-end contact formation experiments in synthetic polypeptides, Keifhaber

and coworkers [15, 16] used thioxanthone (with energy of the triplet state,

ET ≈ 265 kJ/mol) and xanthone (ET ≈ 310 kJ/mol) as donor molecules; and

napthalene (ET ≈ 253 kJ/mol) as the acceptor molecule. Lapidus et al. used

the triplet state of tryptophan with amino acid cysteine as the triplet quencher.

The use of naturally-occurring amino acids is advantageous because effects of

large molecular probes (like thioxanthone and xanthone) that are not native to

the polypeptide chains are avoided. However, quenching of the triplet state of

tryptophan by cysteine is not a diffusion-limited process [18].

C.3 Application to Internal Friction Studies

Two independent groups, Keifhaber and coworkers [15] and Eaton and cowork-

ers [18], have observed k−1 ∝ ηS in end-to-end contact formation experiments in

disordered polypeptides. However, no one has actually explored the role of protein

internal friction in such systems.
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We are currently testing triplet-triplet energy transfer with tryptophan as

donor molecule and a nonnative acceptor molecule, napthalene or a napthalene-

derivative . From the values of their triplet energies (tryptophan, ET ≈ 301 kJ/mol

and napthalene, ET ≈ 253 kJ/mol), tryptophan and napthalene seem to be a suit-

able donor-acceptor pair. We expect the transfer process to be diffusion-controlled

and easily followed by the triplet state absorbance changes. Moreover, tryptophan

and the non-natural amino acid napthyl-alanine (a napthalene derivative) can

be inserted anywhere within a polypeptide chain, allowing small-loop formation

experiments in long chains.

We would like to investigate if we can observe internal friction effects in the

loop formation of disordered polypeptide chains with tryptophan and napthyl-

alanine inserted in different locations within the chain sequence. We are also

interested in exploring internal friction effects in intramolecular contact formation

in proteins. Our target molecule is the tryptophan-mutant of parvalbumin, F102W.

Parvalbumin F102W (Protein Data Bank code: 1B8R) is a 108-residue protein with

a lone tryptophan (position 102) and a lone cysteine (position 18).

C.4 Modified Transient Absorption Spectrometer

At present, we have configured the transient absorption spectrometer with a

nanosecond-pulsed dye laser system (Jaguar C Dye Laser, Continuum, Santa Clara,

CA) emitting at 281 nm to excite the tryptophan triplet state. Figure C–1 shows

the new optical lay-out. We use the second harmonic of a pulsed Nd:YAG laser

(532 nm, 100 mJ/pulse, ∼7-nanosecond pulses) to pump a dye laser containing

rhodamine dye (0.09 g Rhodamine 6G per liter methanol). A grazing incidence

grating with a tuning mirror sets the dye laser output wavelength to 562 nm.

Optimal alignment of the associated dye laser optics produces 20% conversion

efficiency of the Nd:YAG laser energy.
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Xe flashlamp
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Nd:YAG 532 nm ICCD

Spectro-
meter

Sample

Dye
Laser
562 nm

Freq.
Doubler

281 nm

Schott GG400 filter

562 nm

Figure C–1: Optical lay-out of the transient absorption spectrometer configured
with a pulsed dye laser. A 281-nm dye-laser flash excites the triplet state of tryp-
tophan. At time delay t after the laser flash, transmitted light (400 to 650 nm)
from a Xe flashlamp is collected from excited and unexcited regions of the sam-
ple and delivered to the spectrometer/ICCD system to monitor optical absorption
changes upon contact of the excited triplet state with a quencher or with an accep-
tor molecule.

The 562-nm output of the dye laser passes through a second-harmonic-

generating crystal yielding 281 nm for use in tryptophan triplet excitation. Since

both 562-nm and 281-nm laser light come out of the crystal frequency doubler,

we use a silica prism to select the 281-nm pulsed laser light, which is focused into

the sample cell. At time delay t after the 281-nm laser flash, a Xe flashlamp fires

to probe absorbance changes. As in Chapter 5, the probe light is split 50-50 and

focused into 2 points in the sample cell: the region excited by the 281-nm laser

flash and in an unexcited region of the sample cell.

To generate difference absorption spectra due to triplet-triplet energy transfer,

imaging optics collect the transmitted light from UV-excited and unexcited regions

and directs it through a 3-mm GG-400 Schott glass filter and then through the

imaging spectrometer and the gated intensified CCD camera. The GG-400 Schott

glass filter prevents wavelengths less than 400 nm from reaching the camera,
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filtering out most tryptophan fluorescence emission. (Tryptophan fluorescence

emission peaks at ∼ 350 nm and decays in a few nanoseconds while the triplet

state absorption peaks at ∼ 450 nm and has a reported lifetime of ∼ 40 µs [17].)

The spectrometer and associated electronics are operated by a the same LabView

software interface used in Chapter 5. Likewise, difference absorption spectra per

time delay t are collected by the WinSpec software.

Initial transient absorption experiments using free tryptophan (100 µM NATA

in pH 7 tris buffer, deoxygenated with electron scavenger N2O) in solution and

using free tryptophan with free napthalene (100 µM NATA and 100 µM 1-napthyl-

acetic acid in pH 7 tris buffer, also deoxygenated with electron scavenger N2O)

yield promising results. We observe triplet state excitation of tryptophan with

apparent energy transfer to napthalene. However, low signal-to-noise remains a big

issue and needs to be addressed before more experiments are made.
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[43] P.A. Thomson, V. Muñoz, G.S. Jas, E.R. Henry, W.A. Eaton, and
J. Hofrichter. The helix-coil kinetics of a heteropeptide. J. Phys. Chem.

B, 104:378–339, 2000. 2.4

[44] J.H. Wernere, R.B. Dyer, R.M. Fesinmayer, and N.H. Andersen. Dynamics of
the primary processes of protein folding: Helix nucleation. J. Phys. Chem. B,
106:487–494, 2002. 2.4

[45] Y. Xu, R. Oyola, and F. Gai. Infrared study of the stability and folding
kinetics of a 15-residue β-hairpin. J. Am. Chem. Soc., 125:15388–15394, 2003.
2.4

[46] L. Qiu. Laser induced temperature jump investigations of fast protein folding

dynamics. PhD thesis, University of Florida, Gainesville, 2003. 2.4, 4.5

[47] I.J. Chang, J.C. Lee, J.R. Winkler, and H.B. Gray. The protein folding
speed limit: Intrachain diffusion times set by the electron-transfer rates in
denatured Ru(NH3)5(His-33)-Zn-cyctochrome c. Proc. Natl Acad. Sci. USA,
100:3838–3840, 2003. 2.4

[48] A. Szabo, K. Schulten, and Z. Schulten. First passage time approach to
diffusion controlled reactions. J. Chem. Phys., 72:4350–4357, 1980. 2.4

[49] L.L. Qiu, S.A. Pabit, A.E. Roitberg, and S.J. Hagen. Smaller and faster: The
20-residue trpcage protein folds in 4 µs. J. Am. Chem. Soc., 124:12952–12953,
2002. 2.4, 4.1, 4.5, 4–1

[50] J. Kubelka, W.A. Eaton, and J. Hofrichter. Experimental tests of villin
subdomain folding simulations. J. Mol. Biol., 329:625–630, 2003. 2.4, 4.6, 4–1

[51] C.D. Snow, N. Nguyen, V.S. Pande, and M. Gruebele. Absolute comparison
of simulated and experimental protein-folding dynamics. Nature, 420:102–106,
2002. 2.4, 4.6, 4–1, 4.6



107

[52] Y. Zhu, D.O.V. Alonso, K. Maki, C-Y. Huang, S.J. Lahr, V. Daggett,
H. Roder, W.F., and F. Gai. Ultrafast folding of α3D: A de novo designed
three-helix bundle protein. Proc. Natl Acad. Sci. USA, 100:15486–15491,
2003. 2.4, 4.6, 4–1

[53] J.D. Bryngelson, J.N. Onuchic, N.D. Socci, and P.G. Wolynes. Funnels,
pathways, and the energy landscape of protein folding: A synthesis. Proteins,
21:167–195, 1995. 2.4, 5.4

[54] J. Kubelka, J. Hofrichter, and W.A. Eaton. The protein folding ‘speed limit’.
Curr. Opin. Struct. Biol., 14:76–88, 2004. 2.4, 4.6

[55] R.H. Callender, R.B. Dyer, R. Gilmanshin, and W.H. Woodruff. Fast events
in protein folding: The time evolution of primary processes. Annu. Rev. Phys.

Chem., 49:173–202, 1998. 3.1

[56] H. Roder and M.C.R. Shastry. Methods for exploring early events in protein
folding. Curr. Opin. Struct. Biol., 9:620–626, 1999. 3.1

[57] S.A. Pabit and S.J. Hagen. Laminar-flow fluid mixer for fast fluorescence
kinetics studies. Biophys. J., 83:2872–2878, 2003. 3.1

[58] J.P. Brody, P. Yager, R.E. Goldstein, and R.H. Austin. Biotechnology at low
Reynolds numbers. Biophys. J., 71:3430–3441, 1996. 3.1, 3.1.1, 3.1.1, 3.2.1

[59] P. Regenfuss, R.M. Clegg, M.J. Fulwyler, F.J. Barrantes, and T.M. Jovin.
Mixing liquids in microseconds. Rev. Sci. Instr., 56:283–290, 1985. 3.1

[60] V.N. Constantinescu. Laminar viscous flow. Springer-Verlag, New York, 1995.
3.1.1, 3.2.1, 3, 3.3.3

[61] G.W. Moscowitz and R.L. Bowman. Multicapillary mixer of solutions.
Science, 153:428–429, 1966. 3.1.2

[62] S. Takahashi, Y.C. Ching, J. Wang, and D.L. Rousseau. Microsecond
generation of oxygen-bound cytochrome c oxidase by rapid solution mixing.
J. Biol. Chem., 270:8405–8407, 1995. 3.1.2

[63] K. Chan, Y. Hu, S. Takahashi, D. Rousseau, and W. Eaton. Submillisecond
protein folding kinetics by ultrarapid-mixing. Proc. Natl Acad. Sci. USA,
94:1779–1784, 1997. 3.1.2

[64] M.C.R. Shastry, S.D. Luck, and H. Roder. A continuous-flow capillary mixing
method to monitor reactions on the microsecond time scale. Biophys. J.,
74:2714–2721, 1998. 3.1.2, 3.3, 3.3.2
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[90] V. Muñoz and W.A. Eaton. A simple model for calculating the kinetics of
protein folding from three-dimensional structures. Proc. Natl Acad. Sci. USA,
96:11311–11316, 1999. 4.6



110

[91] R. Zhou. Trp-cage: Folding free energy landscape in explicit water. Proc.

Natl Acad. Sci. USA, 100:13280–13285, 2003. 4.6

[92] D.E. Makarov and K.W. Plaxco. The topomer search model: A simple,
quantitative theory of two-state protein folding kinetics. Prot. Sci., 12:17–26,
2003. 4.6

[93] E. Pitard. Influence of hydrodynamics on the dynamics of a homopolymer.
Eur. Phys. J. B, 7:665–673, 1999. 4.6

[94] N. Koga and S. Takada. Roles of native topology and chain-length scaling in
protein folding: A simulation study with the Gō model. Science, 281:253–256,
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